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Abstract
Mechanotransduction, or cells’ ability to sense the stifness of their surrounding extracellular
matrix (ECM), regulates a large variety of cellular processes and has important implications
for tissue development and homeostasis, and diferentiation of stem cells. Abnormalities
in the process of mechanotransduction have been associated with diseases such as cancer
and ibrosis. Thus, an understanding of how cells sense the stifness of ECM can have
important implications for development of novel therapies and tissue scafolds. Although
various mechanisms have been proposed for mechanotransduction, a clear picture is yet
to emerge. The proposed mechanisms span diferent spatial scales Ð from those mediated
by local proteins or protein assemblies (cell-ECM adhesion complexes, stretch-sensitive ion
channels, and cytoplasm-nucleus connecting protein complexes) at molecular scale, to those
mediated by large protein networks such as actin cytoskeleton at subcellular and cellular
scales. Among the proposed mechanisms, the ones mediated by focal adhesions, the sub-
cellular scale physical contact points between the cells and ECM, are thought to be the most
important. However, recent studies have shown that focal adhesions, in themselves, cannot
fully explain the process of mechanotransduction, and mechanisms at larger scales might
also be involved. In this thesis, I provide evidence that actin cytoskeleton can act as a direct
sensor of cellular environment stifness.
We used micropillar substrates to mimic a cellular environment of diferent stifness and
to measure the forces that cells exert on their environment. It is believed that the forces are
critical for the cells to sense their environment. We found that in response to changes in the
substrate stifness, the actin cytoskeleton can adapt both its rheology and organization. We
observed that the actin cytoskeleton transitioned from a luid-like state on soft substrates to a
solid-like state on a stif substrate. Also, the actin organization transitioned from orthoradial
and isotropic organizations on soft substrates to a more polarized organization on stif
substrates. Based on our experimental results and using a theoretical model, we proposed a
mechanism to explain the substrate stifness dependent organization of actin cytoskeleton.
The model suggests that the actin cytoskeleton can behave as an active nematic gel that
can exert forces on its underlying substrate and can reorganize in response to its stifness.
We found that this gel could undergo an isotropic-to-nematic phase transition at a critical
substrate stifness, which is supported by our experimental data. Also, we were interested
in understanding how cell polarity can inluence the generation of traction forces and ECM
stifness sensing. Thus, we varied the geometry of cells by conining them to micropillars
with adhesive patterns of diferent shapes. We found that although the geometry of the cell
can inluence actin organization, ECM stifness plays a more dominating role.
We propose that the environment-stifness-dependent adaptations of actin cytoskeleton
may be driven by the actin ilament crosslinkers at the molecular scale, and future work in
this direction may further elucidate the role of actin cytoskeleton in mechanotransduction.
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Mechanotransduction, or the process by which cells sense the stifness of their environment
is important for cell and tissue function. In this introductory chapter, I will provide the
background and motivation for studying mechanotransduction. I will irst describe how it has
been studied. I will give an overview of the cellular environment in tissues, and how it has
been replicated in vitro to study the efect of its stifness. I will then discuss how measurement
of forces exerted by cells on their environment can help understand mechanotransduction,
and also describe the techniques used to do so. Finally, I will describe what is currently known
about the mechanisms underlying mechanotransduction.
1This chapter is partially based on Gupta, M. et al. Single cell rigidity sensing: A complex relationship
between focal adhesion dynamics and large-scale actin cytoskeleton remodeling. Cell Adh Migr. 6:1-14 (2016).
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Introduction to Mechanotransduction
1.1 Mechanotransduction: Sensing matrix stifness
Cells in mammalian tissues are surrounded by an extracellular matrix (ECM) that provides
both structural and biochemical support necessary for tissue development and homeostasis.
In order to function properly, cells need to constantly probe their surrounding ECM which
provides them with various biochemical and physical/mechanical signals for homeostasis.
Cells sense these signals, then transduce them into intracellular signaling events that afect
cellular processes, which then leads to an appropriate response of the cell to the ECM signals.
Cells’ response to ECM signals can afect their metabolism, proliferation, and gene expression
[1].
Until a couple of decades ago, it was though that the biochemical signals from the ECM
are the major drivers of cellular functions and the mechanical signals were not considered
as important. In early 20th century, the role of mechanical signals was recognized in tissue
morphogenesis [2], but this idea went out of fashion due to later advances in molecular
biology that provided more advanced tools to study the biochemical signals. However, over
the last two decades, the importance of mechanical signals in tissue development, tissue
homeostasis and diseases have been recognized, and the underlying mechanisms are being
actively researched [3ś8].
Mechanotransduction is the process by which cells sense the mechanical signals that
they receive from the surrounding ECM and convert it into biochemical signals that lead to
biological responses. The ECM can provide various kinds of mechanical signals ś topography,
coninement, stifness, shear lows ś that can all be transduced by cells, and thus regulate cell
function [9ś12]. Among these mechanical signals, shear lows (as experienced by endothelial
cells in blood vessels and epithelial cells in kidneys) are actively delivered to the cells, while
others like stifness are passive and need to be actively probed by adherent and migrating
cells. Adherent and migrating cells can actively generate and exert forces on the surrounding
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ECM to probe it. ECM stifness is the most well-studied passive mechanical signal, and from
here on I will use the term mechanotransduction to indicate ECM stifness sensing.
1.1.1 Why study Mechanotransduction?
Mechanotransduction regulates several cellular processes such as cell migration [13ś15],
metabolism [16], apoptosis [17] and proliferation [18, 19], and can even alter cellular gene
expression to initiate stem cell diferentiation [20, 21]. Thus, it plays an important role in
tissue development [22ś25] and homeostasis [26]. Also, any abnormalities in ECM stifness,
or cells’ inability to sense the stifness can lead to several diseases such as cancer [27ś29],
cardiomyopathies [30ś32], muscular dystrophy [33, 34], osteoarthritis [35, 36], and ibrotic
diseases such as pulmonary ibrosis [37, 38], liver cirrhosis [39, 40], and systemic sclerosis
[41, 42] (see Järveläinen et al. [43] for a comprehensive list of diseases).
Various aspects of cancer initiation and progression, such as transcriptional changes,
angiogenesis, and metastasis are afected by ECM stifness. Cancerous tissues, or tumors, are
stifer than their healthy state [27], and the increased stifness has been shown to promote
an epithelial-to-mesenchymal transition in breast tumors [44]. This transition in cell state
is believed to promote tumor metastasis which leads to cancer invasion into other tissues
[45], and the study of its role in cancer progression is an active ield of research [46]. Also,
the increased tissue stifness may drive the proliferation of cancer cells resulting in tumor
formation [47]. Fibrotic and cardiovascular diseases are also characterized by increased ECM
stifness, which disrupts normal tissue homeostasis [39, 40]. In these diseased states, ibroblast
cells, which produce ECM components, hyper-proliferate and diferentiate into myoibroblast-
like cells [41]. These cells produce excessive ECM and disrupt ECM degradation. This leads
to increased ECM stifness, which feedbacks to increase ECM production, and hence leads to
progression of the diseased state where tissue functions are disrupted [37].
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Hence, an understanding of the process of mechanotransduction can help in developing
better medical devices, novel drugs and therapies for treating diseases, and novel tissue
scafolds for tissue repair and reconstruction [43, 48ś52].
Currently, the process of mechanotransduction is not well understood, even though various
mechanisms have been proposed. Most of the mechanisms have been proposed for single
cells, and mechanisms that could act at multi-cellular level are just beginning to emerge
[53ś55]. In this thesis, I focus on mechanotransduction mechanisms for single cells. The
mechanisms proposed for single cells span diferent spatial scales ś from those mediated
by local proteins or protein assemblies (cell-ECM adhesion complexes, stretch-sensitive ion
channels, and cytoplasm-nucleus connecting protein complexes) at molecular scale [56ś64],
to those mediated by large protein networks such as actin cytoskeleton at subcellular and
cellular scales [65ś69]. It is not clear how these mechanisms are coupled and how they are reg-
ulated over space and time. Thus, a complete picture of mechanotransduction is yet to emerge.
In the following sections of this chapter, I will summarize our current understanding of
mechanotransduction (focusing on sensing ECM stifness), describing the techniques used
and the mechanisms proposed so far. But, before describing the various mechanisms in detail,
I would irst give an overview here of cell-ECM adhesions, called focal adhesions (FAs), and
actin cytoskeleton to provide context for the following discussion. These cellular structures
are critical for cell-ECM adhesion and migration, which the cells use to probe ECM stifness.
Focal Adhesions
FAs are intracellular protein complexes formed at the contact point between the ECM and
cell membrane, and serve as mechanical links between the ECM and cell cytoplasm via their
linkage to the actin cytoskeleton [59] (Fig. 1.1). They are mediated by transmembrane cell
4





Figure 1.1 | Schematic representation of focal adhesions and actin cytoskeleton. (a) Spatial
distribution of focal adhesions (FAs) and actin cytoskeleton. Actin cytoskeleton is organized into
structures called lamellipodia (branched and cross-linked network), filopodia (parallel bundles), cortical
and cytoplasmic gel (contractile cross-linked networks), and stress fibers (contractile anti-parallel
bundles). (b) Magnified view of the inset ‘A’ in (a). Stress fibers are comprised of bundles of actin
filaments that are cross-linked by α-actinin and myosin II proteins. (c)Magnified lateral view of a FA,
indicated by inset ‘B’ in (a). FAs are mediated by transmembrane integrin proteins, which bind to
ECM protein fibronectin, and are connected to actin filaments via a complex of adhesion proteins.
Modified by permission from MBInfo: www.mechanobio.info, Mechanobiology Institute, National
Unversity of Singapore.
adhesion proteins called integrins, which can bind to ECM proteins such as ibronectin,
collagen and laminin [70]. Integrins are associated, via their cytoplasmic domain, with a
complex of over 180 proteins such as talin, paxillin, vinculin and zyxin [71] (Fig. 1.1 c). This
protein complex has a well-deined organization in 3D [72], and the interaction among its
constituent proteins and with other signaling molecules forms a highly complex network of
~500 interacting molecules [71]. Besides serving as mechanical links, FAs serve a signaling
role as well and contain various signaling molecules including tyrosine kinases, tyrosine
phosphatases and adaptor proteins that can lead to signaling cascades [71].
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FAs are highly dynamic structures that have diferent spatial localization, size and composi-
tion over their lifetime. They assemble, mature and disassemble in response to ligand binding
and forces. Their assembly is believed to be initiated by ~100 nm clusters of ~50 integrin
molecules, which get activated on binding to ECM proteins and whose clustering depends
on binding of talin [73]. These clusters, called nascent adhesions, are formed at the leading
edge of a migrating cell, within the actin-based protrusive structures called lamellipodia
(Fig. 1.1 a; see the following section for a description of lamellipodia). Most of these nascent
adhesions turn over very rapidly within ~3 min [73], while some mature in a force-dependent
manner into FAs. The retrograde low of actin ilaments originating at the cell leading edge
engages physically with these nascent adhesions and applies a centripetal force on them.
The nascent adhesions mature and grow under the application of this force into punctates
of < 1 µm2, called focal complexes, which are located towards the rear of the lamellipodium
[59] (Fig. 1.1 a). This force-dependent growth occurs due to the recruitment of adhesion
proteins such as paxillin, talin and vinculin and is dependent on a α-actinin-actin template
that grows centripetally from the focal complexes [74, 59]. The focal complexes can mature
further by recruitment of proteins such as zyxin, and grow into elongated (aspect ratio 1-3)
and fully matured focal adhesions of size 1 µm2 to 5 µm2, with lifetime of ~20 min [59, 60]
(Fig. 1.1 a). This growth is dependent on myosin-II based contractility of actin stress ibers
that are connected to the FAs (see the following section for a description of stress ibers).
FAs serve as anchoring points on ECM for the cell which help in cell migration. Also, FAs
are believed to further mature into ibrillar adhesions located at the rear of a migrating cell,
which appear as long streaks or array of dots [75]. Fibrillar adhesions are not connected to
stress ibers, but to thin cables of cross-linked actin ilaments, and are associated with ECM
remodeling [76]. Due to their close proximity to the ECM, and their signaling role, FAs play
an important role in mechanotransduction.
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Actin Cytoskeleton
Actin cytoskeleton is a highly complex cellular structure comprising of actin ilaments and
their binding partners, that provides the cell with mechanical stability and the ability to apply
forces [77]. Actin, a globular protein, can polymerize to form 5-9 nm thick ilaments, which
are polar due to their right-handed helix-like structure and chemically diferent ends. The
ilament lengths are of the same order as their persistence length (distance over which they
are almost linear) of ~10 µm, and hence they behave as semi-lexible polymers inside cells.
Various actin ilament binding partners can cross-link them to form highly dynamic and
diverse structures that enable the cell to adapt to its ECM.
Actin cytoskeleton is organized primarily into structures called lamellipodia (branched and
cross-linked network), ilopodia (parallel bundles), cortical and cytoplasmic gel (contractile
cross-linked networks), and stress ibers (contractile anti-parallel bundles) [78] (Fig. 1.1 on
page 5).
Lamellipodia is a ~0.2 µm thick branched network of actin ilaments that generates the
protrusive forces at the leading edge of a migrating cell [79] (Fig. 1.1 a). The protein Arp2/3
nucleates new ilaments that extend from existing ilaments at an angle of ~70°, creating a
dense network of branched actin ilaments. Actin ilaments, that polymerize from Arp2/3,
apply a pushing force at the cell membrane, thus moving it forward. Due to resistance from
the membrane, and myosin contractility at lamellipodia rear, the actin ilaments at the front
of the lamellipodia get pushed backward leading to a retrograde low of actin ilaments. This
retrograde low engages with FAs and plays an important role in mechanotransduction.
Filopodia are ~0.3 µm thick inger-like structures at cell leading edge (Fig. 1.1 a), that
comprise of thick actin ilament bundles, cross-linked by the protein fascin [80]. They can
be either embedded in lamellipodia, or protrude from it, and play a sensory role during cell
migration and cell-cell adhesion formation.
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Actin cortex is a several hundred nanometers thick dense network of cross-linked actin
ilaments, that is anchored to the cell membrane (Fig. 1.1 a) and is contractile due to myosin
activity [81]. The protein ilamin cross-links actin ilaments into an orthogonal network with
a pore size of a few hundred nanometers. Actin cortex is involved in amoeboid-like motility
of cells [82] and plays an important role in determining cell shape [81].
Stress ibers are a few microns thick bundles of ~10-30 actin ilaments that are cross-linked
by the proteins α-actinin and myosin II in an anti-parallel arrangement [83] (Fig. 1.1 b). They
are the primary generators of cellular traction forces (generated due to myosin activity) and
play important roles in cell adhesion, migration, and mechanotransduction. They are often
connected to the ECM via FAs, providing a physical link between the actin cytoskeleton and
ECM (Fig. 1.1 a). Based on their anchorage at FAs and varying morphology, stress ibers can
be classiied into three categories (as classiied by Hotulainen and Lappalainen [84]) Ð dorsal
and ventral stress ibers, and transverse arcs [83].
Dorsal stress ibers are connected to FAs at their distal ends (Fig. 1.1 a), where they are
polymerized by the protein formin [84]. They are cross-linked by α-actinin but do not contain
any myosin, and hence are not contractile. It is not clear how actin ilaments are organized in
these ibers, but it seems that close to the FAs they are unipolar and parallel, while they become
bipolar and anti-parallel in their proximal parts. They serve as FA linkers for transverse arcs
and are involved in the formation of ventral stress ibers [84].
Transverse arcs are contractile bundles of curved actin ilament that originate at the
cell edge because of the retrograde low of actin ilaments at lamellipodia. As the ilaments
low away from the cell edge, they coalesce and get bundled into anti-parallel ibers due to
the cross-liking activity of α-actinin and myosin, which localize in an alternating band-like
pattern. Transverse arcs are not directly connected to the FAs, but are linked to them through
the dorsal ibers [84] (Fig. 1.1 a).
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Ventral stress ibers are contractile bundles of actin ilaments that are anchored to FAs at
both ends [83] (Fig. 1.1 a). Like transverse arcs, they contain an alternating band-like pattern
of α-actinin and myosin. They are the primary contractile structures in the actin cytoskeleton.
They are formed when a transverse arc and two dorsal ibers connecting it to FAs at the
ends, fuse together to form a single stress iber anchored to FAs at its ends. This fusion
happens towards the rear of the lamellipodia, and hence ventral stress ibers are located in
the proximal part of the cell. Ventral stress ibers can be further classiied as peripheral and
non-peripheral stress ibers based on their location with respect to cell edge Ð peripheral
ibers follow exterior contours of cells, while non-peripheral ibers are located in cell interior
[85]. Peripheral ibers are usually thicker and longer than non-peripheral ibers, and their
contractility is regulated by a signaling pathway diferent from that for non-peripheral ibers.
All the above-described actin cytoskeleton structures are believed to be either connected
to or embedded inside a myosin containing contractile gel of cross-linked actin ilaments that
is present in the bulk of the cytoplasm [86]. This gel, along with actin cortex and stress ibers,
deines the mechanical properties of the actin cytoskeleton, and hence the cell. Due to its
force-generating ability, the actin cytoskeleton is critical for mechanotransduction.
1.2 Methods to study Mechanotransduction
In order to study mechanotransduction, the process of how cells sense the stifness of their
ECM, we irst need to understand the ECM itself. Once we understand how ECM is organized
and what determines its mechanical properties, we can have a better understanding of the
techniques used to study its interaction with cells. In this section, I will give a brief description
of ECM composition and organization, its mechanical properties, how it is reproduced in








Figure 1.2 | Illustration of extracellularmatrix. The extracellular matrix is composed of a complex
network of polysaccharides and fibrous proteins, with water occupying the interstitial spaces. In this
illustration, a cell is shown at far let in cross-section, a dense basal lamina is to the right of the cell
membrane, and a collagen fibril takes up most of the right side. The basal lamina is composed of
molecules such as collagen (A) and cross-shaped laminin (B). Integrin proteins (C) in the cell membrane
link the basal lamina to the cytoskeleton inside the cell. Large proteoglycans (D) are woven into the
basal lamina and mixed with long polysaccharide chains in the space outside to form a hydrated gel.
Several diferent types of collagen are shown in this illustration, including the collagen network in the
basal lamina, another form that makes large anchoring fibrils (E), and several types that assemble
together to form the huge structural fibril (1,000,000 X). Reproduced from Goodsell [88].
1.2.1 Extracellular matrix
Extracellular matrix (ECM) is the non-cellular component of all mammalian tissues that pro-
vides the adherent cells with physical support, along with several biochemical and mechanical
cues critical for tissue function. It is mainly comprised of water, proteins, and polysaccharides,
with both soluble (growth factors, chemokines, hormones) and non-soluble components
(ibrous proteins and polysaccharides) [87] (Fig. 1.2).
The amount and composition of ECM vary across tissues Ð it is the major constituent
of connective tissues such as tendons and cartilages, and only a minor constituent of soft
tissues like brain and spinal cord; it can become calciied in bone tissues, or make long parallel
ibrillar bundles in tendons [77]. Also, the composition and organization of ECM can change
dynamically during tissue development, aging, and disease [89ś91].
The non-soluble components of ECM determine its biomechanical properties, and can be
categorized into two main classes of macromolecules Ð glycosaminoglycans (GAGs) polysac-
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charides and ibrous proteins [89, 90]. In most connective tissues, these macromolecules are
secreted by ibroblast cells that also organize the secreted macromolecules into appropriate
structures [77]. GAGs covalently bind to proteins to form proteoglycans that form highly
hydrated gels (Fig. 1.2) which resist compressive forces. Fibrous proteins (such as collagens,
elastins, ibronectin, and laminin) provide the ECM with stifness, resilience, and cell adhesion
ligands [77]. Elastin ibers provide tissues with resilience, i.e. ability to stretch and relax,
(important for tissues like skin, lungs, and blood vessels), and ibronectin ibrils promote cell
adhesion [77]. Collagen is the most abundant ibrous protein in ECM and provides tensile
strength and stifness to the tissue [89, 92]. Collagen ibers can bundle to form ibrils (Fig. 1.2)
and ibers of diferent diameter and have tissue-speciic organization Ð wicker-like pattern in
skin tissue to resist tension in multiple directions; parallel bundles in tendons to resist tension
in one primary direction [77].
GAGs, proteoglycans, and ibrous proteins can associate with each other in numerous
ways to form complex composites in a tissue-speciic manner, with tension-resistant ibrous
proteins being embedded inside compression-resistant proteoglycan gels [77]. Thus, ECM is
very heterogeneous and complex and is composed of diferent components which provide it
with diferent mechanical properties.
Due to the large variation in ECM composition and organization, tissue stifness can
vary by several orders of magnitude Ð from hundreds of Pa to a few kPa for brain tissues
[93, 94], tens of kPa for cartilage tissue [95], over 100 kPa for pre-calciied bones [10], and
a few GPa for bone tissues [96] (Fig. 1.3 on the following page; see Levental et al. [97] for a
comprehensive list).
1.2.2 Reproducing ECM-like environment in vitro
In order to study cell-ECM interactions, it would be ideal to either extract intact ECM or to
reproduce the ECM biomechanical structure in vitro to enable comprehensive observations
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Figure 1.3 | Tissue stifness changes with ECM stifness. Due to the large variation in ECM
composition and organization, tissue stifness can vary by several orders of magnitude. Cells adapt to
the stifness of their surrounding tissue, and hence show tissue-specific behavior. Reproduced from
Butcher et al. [28].
and measurements. Although intact ECM (harvested from tissues like skin, pancreas, liver, and
intestine) have been used as scafolds for tissue engineering [98], it is not feasible to use them
for studying cell-ECM interactions because their biomechanical properties are not well-deined
and controllable. Also, due to the very complex three-dimensional architecture of ECM, it is
not possible to reproduce it in vitro in its entirety. Although several tissue scafolds have been
developed for tissue engineering, most of them cannot be used to study mechanotransduction
due to inability to precisely control their mechanical properties over a wide range [99, 100].
Hence, various cell culture substrates have been developed that reproduce the ECM with
reduced complexity, and importantly, with well-deined and controllable physical properties
that are useful for mechanotransduction studies [101ś104].
Reconstituted protein gels. 3D ibrillar gels formed by reconstituting puriied proteins or
ECM extracts, with cells embedded inside them, have been used to study cell-ECM interactions.
The most commonly used protein gels are reconstituted basement membrane (rBM; available
commercially as Matrigel™), and gels of ibrin (a ibrous protein involved in blood clotting)
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and collagen [89]. Since rBMs are directly isolated from tissues, they are very complex and it
is di cult to characterize and control their mechanical properties. Thus, they have not been
used much for studying mechanotransduction. Fibrin gels have been used widely in tissue
engineering but they are also not well-suited for studying ECM stifness sensing because of
their inherent complexity and variability.
Collagen gels are the most widely used reconstituted protein gels used for studying
mechanotransduction, and can also be used in combination with rBM, laminin and ibronectin
[105ś107]. Collagen can easily form a tensed network of ibrils that can provide cells with
an environment similar to in vivo ECM in some aspects. It can be functionally modiied to
promote cell adhesion, and cross-linked to modulate its stifness [108].
Although collagen gels have provided useful insights, they have some limitations. They
are very heterogeneous, and it is di cult to change their stifness independently from their
architecture Ð changing their stifness by cross-linking changes ibril organization, and hence
gel architecture and cell adhesion ligand density [108]. Also, they are too soft ( 10 Pa to a few
kPa) and unable to reproduce the wide range of in vivo ECM stifnesses [108, 107].
Reconstituted protein gels, particularly collagen gels, have been very useful in studying
mechanotransduction, but they have limitations including di culties in quantitative imaging,
which have been overcome to some extent by the use of synthetic materials. Also, the
stifness of these gels is deformation magnitude or rate dependent, which adds another level
of complexity to the interpretation of experimental data [109].
Synthetic hydrogels. In order to overcome the limitations of natural protein gels, syn-
thetic hydrogels with tunable stifness and controlled functionalization with cell adhesion
ligands have been developed. Fully synthetic polymers (poly(ethylene glycol) (PEG) [110]
and PolyAcrylAmide (PAA) [111]), and modiied polysaccharides (hyaluronan [112], alginate
[113] and dextran [114]) have been used to make hydrogels that can provide cells with a 3D
or a 2D environment. The stifness of these hydrogels can be controlled by modulating their
13
Introduction to Mechanotransduction
degree of cross-linking. Also, in contrast to the ibrillar protein gels, the stifness of most of
these hydrogels does not depend on deformation magnitude or rate, and so they are linearly
elastic [101].
The most widely used hydrogel for mechanotransduction studies are polyacrylamide
(PAA) gels, which provide a functionalized 2D surface to the cells [111, 20, 61, 63] (Fig. 1.4 a).
Polymerization of acrylamide with its co-monomer cross-linker bis-acrylamide forms cross-
linked polymers polyacrylamide, or PAA gels. They can be functionalized by covalently
binding ECM proteins (like collagen I [111], ibronectin [60], laminin [115]), ECM peptides,
and rBMs [89] to promote cell adhesion. Their stifness can be controlled by modulating the
degree of cross-linking in the gel (by changing the ratio of acrylamide to bis-acrylamide),
with higher cross-linking leading to stifer gels. However, it is not clear if their stifness can
be controlled independently of their surface chemistry [116, 117]
The stifness of the PAA gels is deined in terms of Young’s modulus, which is a measure
of the amount of stress required to produce a certain amount of strain in the gel (Fig. 1.4 c).
Young’s modulus is an intrinsic property of the material and does not depend on its geometry,
and has been measured using either macroscopic tests [111], or AFM indentation at the
microscopic scale [117]. PAA gel stifnesses (Young’s modulus) ranging from 200 Pa to 100
kPa have been obtained, with moduli below 5 kPa considered soft and above 10 kPa considered
stif [111, 20]. The deinition of soft and stif is based on stem cell diferentiation, and may
change with cell type [20]. Also, stifness gradients have been produced using PAA gels
[14, 15].
One of the main reason for the wide usage of PAA gels, besides the ability to tune stifness
over a wide range, is that they can be used to measure cell traction forces, which is a critical
measurement in mechanotransduction studies (described in Sec. 1.2.3 on page 17).
Micro-fabricated elastomeric substrates. Besides PAA hydrogels, the other commonly
used substrates for studying mechanotransduction are calledmicropillar substrates [118ś121].
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Figure 1.4 | Commonly used synthetic substrates to study mechanotransduction. (a)
Schematic representation of a cell adhered on a polyacrylamide (PAA) gel, whose stifness can be
modulated by changing the ratio of base polymer and cross-linkers. Fluorescent beads are atached to
the gel surface, which get displaced under cellular forces. The bead deformations can be used to obtain
forces by using traction force microscopy. (b) PAA gels are linearly elastic, with stifness defined in
terms of Young’s modulus E . F is the force applied on a surface of area A and ∆l is the change in length
from an initial length of l0. σ and ε are stress and strain respectively. (c) Schematic representation
of a cell adhered on a micropillar substrate, which is comprised of an array of vertical cylinders. (d)
Each micropillar behaves as a linear elastic spring of stifness k. k can be modulating by changing
micropillar height or diameter. (a and b) Modified by permission from MBInfo: www.mechanobio.info,
Mechanobiology Institute, National Unversity of Singapore.
They are micro-fabricated from the elastomer polydimethylsiloxane (PDMS) using lithography
techniques [122, 104]. These substrates are comprised of a dense array of vertical cylindrical
columns, called micropillars, whose tops can be functionalized with various cell adhesion
ligands [122, 104] (Fig. 1.4 b).
The stifness of micropillar substrates is deined in terms of a spring constant (measured in
units of nNµm−1), which is a measure of the amount of force required to deform a structure
a certain distance (Fig. 1.4 d). The spring constant of micropillars depends on both their
material property (Young’s modulus of PDMS) and their cylindrical geometry (diameter and
height) (discussed in detail in Sec. 2.2.1 on page 58). Hence, the micropillar stifness can be
deined at two diferent spatial scales ś a local scale, given by Young’s modulus of PDMS
corresponding to the top surface of the pillar, and a global scale, given by the spring constant
of the micropillar as a whole. Micropillars with spring constant ranging from 1 nNµm−1 to
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above 100 nNµm−1 have been fabricated, with substrates below 10 nNµm−1 considered as
soft [69, 122, 121]. Also, 1 nNµm−1 is approximately equal to 0.7 kPa [123].
Micropillars are very versatile tools for studying mechanotransduction Ð they can be
used to measure cell traction forces (described in Sec. 1.2.3 on the next page), they have been
adapted to apply forces on cells [124], used to study cell migration in 3D [125], mounted on
stretchable membranes [126, 127], and integrated into microluidic channels [128]. Also, they
have been modiied to introduce anisotropic stifness [129], or stifness gradients [69].
The main diference between micropillar substrates and the other widely used substrate
PAA gels is that while the PAA gels provide a continuous 2D surface to the cells, micropillar
substrates provide a discontinuous substrate ś there is no strain propagation since each
micropillar is mechanically independent (for the deformations induced by cells). Also, the
stifness of micropillars can be changed independently from their surface chemistry (by
changing micropillar height only), which is not true for PAA gels [104, 116].
The substrates and techniques described above to reproduce native ECM have provided
invaluable insights into mechanotransduction. Particularly, substrates like PAA gels and
micropillars substrates whose stifness can be controlled precisely have been very useful.
However, these substrates, which provide mostly a 2D environment to the cells, are still very
diferent from the 3D ibrillar environment of cells in vivo.
Thus, further work is required to develop modular substrates that better mimic the 3D
ibrillar environment of the cells, and provide well-deined physical and chemical properties
that can be controlled independently. Recently, some techniques have been developed to
make modular 3D ibrillar environments, and they might prove to be valuable in the near
future [130]. Also, PAA gels and micropillars substrates are linearly elastic, while tissues are
both nonlinear [97] and viscoelastic [131, 132]. Work on the efect of nonlinear elasticity and
viscoelasticity of the substrates has also only just begun [133, 134].
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1.2.3 Measuring cell-generated forces
Forces generated by cells are one of the key measurements used to quantify cellular response
to ECM stifness. Adherent cells use their internal actomyosin network to generate forces,
which are then transmitted to the surrounding ECM via cell-ECM adhesions. The transmitted
forces, called traction forces, are thus an indirect measure of cellular contractility, which is
important for various cellular functions and mechanotransduction [23, 8]. Also, since stifness
is a measure of how a substrate deforms under applied forces, traction forces are essential
tools for cells to probe the ECM stifness, and even remodel it [135, 136].
The role of forces in muscle cells was known for a long time, but it was only a few
decades back that traction forces exerted by non-muscle cells were demonstrated for the
irst time Ð cells adhered on compliant silicon-rubber substrate produced wrinkling patterns
on the substrate [137]. These wrinkling patterns were only a qualitative demonstration of
cell traction forces and did not provide any quantitative measurements. Subsequently, more
quantitative methods were developed, all based on the principle that traction forces can be
extrapolated from substrate deformations [138, 139, 56, 118, 120] (reviewed by Polacheck
and Chen [140]). Among these methods, the ones that use either PAA gels, or micropillar
substrates are the most widely used ones. Methods to measure forces in 3D gels and across
molecules have also been developed over the last few years. Traction forces in the range of
piconewtons to nanonewtons have been measured at cell-ECM adhesions using these methods
[140].
Traction force microscopy. The technique to measure cell traction forces using PAA gels
is conventionally called Traction Force Microscopy, or TFM (reviewed in [145ś147]). It is
the most widely used technique for measuring cell traction forces. Traction forces exerted
by cells on PAA gel surface can be calculated from the gel’s surface deformations; models












Figure 1.5 | Measurement of cellular traction forces. (a-c) PAA gel base traction force microscopy
(TFM). (a) shows a cell adhered on PAA gel with embedded fluorescent beads. (b) and (c) show the
displacement field and traction force field respectively. Scale bars, 20 µm. Reproduced from Legant
et al. [141]. (d-f) Traction force measurements using micropillar substrates. (d) A cell (actin labeled
in green) adhered on micropillars (red). (e) Detected micropillar centroids. (f) Traction force field
overlaid on the cell image. Reproduced from Yang et al. [122]. (g,h) 3d TFM. (g) A fibroblast cell
(cytoplasm labeled in green) spreading into a 3D hydrogel with embedded fluorescent beads (red).
Scale bar, 50 µm (10 µm in inset). (h) Calculated traction force field. Reproduced from Legant et al.
[142]. (i) FRET-based molecular tension sensor. The sensor consists of two fluorophores separated by
an elastic linker. FRET decreases when the sensor is stretched, giving a readout of increased strain.
Reproduced from Grashof et al. [143]. (j) A DNA duplex helix as a tether bound to PEG substrate
and ability to bind to cell adhesion molecules. Its rupture tension can be tuned. Reproduced from
Wang and Ha [144].
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[139]. However, this calculation is not trivial because the deformations at diferent points get
coupled due to the continuous nature of the gel, making it di cult to isolate the point forces
exerted by cells.
Substrate deformations are quantiied by embedding luorescent beads, which serve as
iducial markers, into the gel, and tracking them using a microscope to obtain a deformation
map of the gel surface (Fig. 1.5 a-c). The deformation map is then used to calculate the




where u(x) is the displacement vector ield of the gel, t(x) is the traction force ield and G(x) is
the Green’s function at the point x [148]. Green’s function is known (Boussinesq solution) for
the problem where displacements arise due to point traction forces at the surface of an elastic
half-space [149, 150]; point-like cellular traction forces are exerted at discrete adhesions sites,
or FAs, between the cell and the gel. Importantly, the experimentally obtained displacement
data is inherently noisy due to the limited optical resolution of microscopes, uncertainties
in image processing, and heterogeneities in the gel and embedded beads. In the presence
of noise, the inverse problem becomes ill-posed, with unstable solutions (small changes in
displacement can lead to large changes in obtained forces), and noise ilters need to be used.
Also, since the inverse problem does not have a unique solution, a priori information about
expected traction ield needs to be incorporated, in the form of regularization parameters Ð
diferent parameters result in diferent traction force distributions. The use of regularization
introduces some level of uncertainty to the obtained results. Currently, algorithms to reduce
noise and optimize regularization parameters are being actively researched to overcome the
limitations of TFM [148].
TFM has been used to measure traction forces per FA ranging from < 1 nN to tens of nN
[139, 61]. Recently, it was adapted to measure forces exerted by cells perpendicular to the gel
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surface, and the forces were found to be of a similar order of magnitude as those along the
gel surface [151, 152]. Traction force distribution within a FA has also been measured using
this technique [61].
Micropillar array substrates. Computational di culties in obtaining traction forces from
substrate displacements in PAA gel-based TFM have been overcome by micropillar substrate
based traction force measurements. Micropillar substrates are comprised of arrays of mechan-
ically independent micropillars ś each of which behaves as a Hookean spring under cellular
forces ś and force on each micropillar depends on its own deformation [118, 69] (Fig. 1.4
on page 15). The micropillar tops act as iducial markers, and can be tracked to obtain the
displacement map of the substrate; the displacement map can then directly be converted into
traction forces by scaling with its stifness [122, 104] (Fig. 1.5 d-f). Hence, there is no intensive
computation involved in obtaining traction forces from substrate displacements. However,
noise is introduced in calculations when measuring substrate displacements from the experi-
mental data. The noise is due to both the limitation in optical resolution of microscopes and
image processing procedures to track micropillar positions and subsequent estimations of
their displacement (described in detail in Sec. 2.2.5 on page 63).
Forces ranging from around 1 nN up to 100 nN have been measured at FAs using micropil-
lars [120, 69]. Recently, micropillars with diameters of less than a micron have been developed,
leading to force measurement of nascent sarcomeric units in spreading cells [121, 153].
3D Traction forcemicroscopy. Both, PAA gel-based TFM and micropillar substrate-based
methods have been instrumental in quantitative measurements of cell-ECM interactions and
are widely used. However, both methods provide traction force measurements for cells
adhered to a 2D substrate, whereas the in vivo environment is 3D.
Until recently, reliable measurements of traction forces were not possible in a 3D gel.
However, recent methods have led to more reliable measurements, even for nonlinear and
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viscoelastic 3D gels [142, 154, 155]. Like PAA gel-based TFM, these methods use embedded
iducial markers in the 3D gel, which can be used to obtain the deformation ield of the gel
under cellular forces (Fig. 1.5 g and h). This deformation ield can then be used to calculate
corresponding force ield, similar to 2D TFM. However, in 3D it is much more complex, and
a numerical technique called Finite Element Method is generally employed which can also
take into account geometrical and material nonlinearities. The level of highest traction forces
reported is similar to that reported for 2D substrates [142]. 3D TFM is still not very precise
and has a lower force resolution compared to 2D methods because the limitations of 2D TFM
are ampliied due to the third dimension in space Ð optical resolutions of microscopes are
lower in z-direction and image processing procedures are not as precise in 3D, which leads to
greater noise in displacement data. Thus, further improvements are needed for this method
to be widely adopted, which would lead to much-needed insight into cell behavior in 3D
environments.
Molecular tension sensors. In the last few years, techniques have been developed for mea-
suring forces (intracellular and extracellular) at the molecular scale [143, 156, 144, 157, 158].
These techniques, which employ molecular tension sensors, have provided insights into how
forces are transmitted and transduced by molecules. Most of the molecular tension sensors
employ Förster (luorescence) Resonance Energy Transfer (FRET) to give a readout of the
distance between two luorophores at the ends of a molecule; increasing distance indicates
strain which can be used to infer tension across the molecule [143] (Fig. 1.5 i). Forces of
~2.5 pN across vinculin molecules have been measured using FRET-based tension sensors
in stable FAs [143]. It was also shown that vinculin molecules are under larger tension in
assembling FAs and lower tension in disassembling FAs. Recently, this technique was used
to show that tension across talin molecules is lower on soft substrates; also, it is higher in
FAs at cell periphery compared to those in cell center [159]. DNA-based tethers with tunable
tension tolerance have also been developed [144, 160, 161] and were used to ind that the
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tension across integrin molecules in FAs is ~40 pN [144] (Fig. 1.5 j).
The techniques described in this section to reproduce ECM in vitro and measure cell-generated
forces (particularly PAA gels and micropillar substrates) have been used extensively to observe
cellular responses to ECM stifness. These observations have provided invaluable insights
into mechanisms underlying mechanotransduction. In the following section, I will provide an
overview of these observations, describing the diferent cellular behaviors that change with
substrate stifness.
1.3 Cellular responses to ECM stifness
One of the earliest observations of ECM stifness-dependent cell behavior was for mammary
epithelial cells, which proliferated on stif substrates (adhered collagen gels) and diferentiated
on soft substrates (freely-loating collagen gels) [105]. Since then, diferent cell types have
been observed to sense and respond to ECM stifness Ð ibroblasts [162, 69], endothelial
cells [162], muscle cells [163, 13], liver cells [164], neuronal and glial cells [165], stem cells
[20], epithelial cells [166], neutrophils [167], and macrophages [168]. Their responses to
ECM stifness include adaptation of cell morphology [162], and cellular processes such as cell
migration [13ś15], polarization [55], metabolism [16], apoptosis [17], proliferation [18, 19],
and diferentiation [20, 21]. Here, I will summarize the diferent cellular responses to ECM
stifness, which are cell-type dependent.
Cell Diferentiation. One of the most remarkable responses of cells to ECM stifness was
observed for mesenchymal stem cells (MSCs). In a seminal study, Engler et al. [20] showed
that MSCs adhered on PAA gels for around 4 days could diferentiate into diferent cellular
lineages depending on the gel stifness. They found that MSCs that were allowed to adhere on
very soft gels (0.1 kPa to 1 kPa) that mimic brain tissue, diferentiated into neuron-like cells;
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those on stifer gels (8 kPa to 17 kPa) that mimic muscle tissue, diferentiated into muscle-
like cells; and those on very stif gels (25 kPa to 40 kPa) that mimicked pre-calciied bone
tissue, diferentiated into bone-like cells. MSC diferentiation was found to be dependent on
myosin-generated contractility of the actin cytoskeleton. These observations suggest that
ECM stifness can afect gene transcription in cells.
Cell Proliferation. Proliferation activity of most cell types increases with substrate stif-
ness. Similar to the early observations for epithelial cells [105], Wang et al. [169] found that
ibroblasts also show higher proliferation rates on stif PAA gels. On soft gels, they showed
higher rates of apoptosis. Klein et al. [18] found that mammary epithelial cells, vascular
endothelial cells, and osteoblast cells were quiescent on soft PAA gels while their proliferation
rate increased with gel stifness. Proliferation and metabolism of cancer cells were also found
to increase with substrate stifness [16].
Cell Adhesion and Morphology. Most cell types, with the exception of neurons, become
increasingly adherent as the ECM stifness increases, and have higher spread areas on stif
ECM. Yeung et al. [162] observed that the rate of cell spreading and the inal area increases
with substrate stifness for ibroblast cells spreading on PAA gels. Similar observations were
made for endothelial and muscle cells as well [162, 170]. However, neurite extensions from
neuronal cells were found to decrease on stif substrates [165, 106]. Cell-substrate adhesions,
or FAs, have been observed to increase in size and strength with substrate stifness as well
[4, 60]. Also, ibroblast cells have more elongated shapes on stifer PAA gels [60].
Cell Migration. Cell migration is important for tissue development and homeostasis, and is
afected by ECM stifness in cell-type-dependent manner. ECM stifness has been observed to
afect migration speed, persistence and directionality of single cells [111, 14, 13, 15]. Pelham
and Wang [111] observed that speed of ibroblast cells migrating on PAA gels decreased
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linearly with gel stifness, varying from ~0.6 µm/min for 15 kPa gel to < 0.1 µm/min for
70 kPa gel. In contrast, Peyton and Putnam [13] found that the speed of vascular smooth
muscle cells migrating on ibronectin-coated PAA gels showed a bi-phasic behavior with
gel stifness, with maximum speeds (~0.7 µm/min) at an optimal stifness (21 kPa at low
ibronectin concentrations and 50 kPa at high ibronectin concentrations). Also, interestingly,
Lo et al. [14] found that ibroblast cells, adhered on PAA gels with stifness gradients, migrate
preferentially in the direction of increasing stifness. This directional migration of cells is
referred to as durotaxis and was also observed for ibroblasts on micropillar substrates [69].
Durotaxis has been observed in other cells, such as MSCs, as well, except neurons [15, 106].
Cell Polarization. ECM stifness can polarize the internal organization of cells and in turn
regulate the front-rear polarization of migrating cells [60, 15, 55]. Fibroblast cells spreading
on a substrate show a circular and non-polarized morphology and remain non-polarized on
soft substrates [60]. However, they can spontaneously break symmetry on a stif substrate,
forming an elongated shape with stress ibers aligned along the primary axis of the shape
[60]. Also, Raab et al. [15] recently showed that cellular durotaxis depends on the polarized
distribution of myosin IIB, which localizes towards the rear of the cell. Polarized distribution
of microtubules has also been associated with polarization of migrating cells, but the role of
ECM stifness in determining microtubule distribution is not known [55].
Cellular Traction Forces. Cells generate contractile forces which they exerted on the
ECM to adhere and migrate on it. These provide a quantitative measurement of cellular
response to ECM stifness. As described previously, cell traction forces are mostly measured
using PAA gels or micropillar substrates. Micropillar substrates have been used to observe
that traction forces exerted by epithelial cells and ibroblast cells increase with substrate
stifness, although substrate deformation does not increase upto a point [166, 123]. Also, the
rate at which ibroblast cells exert traction forces on micropillar substrates has been found to
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increase with substrate stifness [69].
In the following section, I will summarize the mechanotransduction mechanisms that have
proposed to explain the above-described cellular responses to ECM stifness.
1.4 Mechanisms of Mechanotransduction
Several mechanisms have been proposed to explain cellular responses to ECM stifness over
the last couple of decades. However, a clear picture is yet to emerge, and the underlying
mechanisms are being actively researched currently. The mechanisms are proposed to be
mediated by the activity of cellular structures such as FAs, stretch-sensitive ion channels,
Linker of Nucleoskeleton and Cytoskeleton (LINC) complexes, and the actin cytoskeleton.
These cellular structures have been observed to adapt to ECM stifness, and are believed to
transduce the stifness into biochemical signaling via force generation and transmission.
Signaling pathways in mechanotransduction. Mechanotransduction mechanisms reg-
ulate several intracellular signaling pathways, by converting the mechanical signal into
biochemical signaling events at the cell membrane. The biochemical signals emerging at cell
membrane are upstream of the signaling pathways and can be ampliied and modulated to
interact with intracellular signaling pathways. These signaling pathways regulate various
cellular processes, including gene expression. The mechanical signals can also be directly
transmitted to the cell nucleus where they can be transduced at nuclear membrane and
regulate gene expression [171]. Signaling pathways known to be regulated by mechanotrans-
duction are Ð RhoA GTPase mediated pathways that regulate cytoskeletal reorganization
and contractility [172], tyrosine kinases mediated pathways regulating cell polarization [60],
YAP/TAZ-mediated Hippo pathway that regulates cell proliferation and apoptosis [173],
















Figure 1.6 | Force transmission in mechanotransduction. Actin cytoskeleton is anchored to the
extracellular matrix (ECM) through focal adhesions (FAs), and also connects to the nucleus to through
LINC complexes. Actomyosin forces generated in the cytoskeleton are transmited to the ECM via
FAs, and to the nuclear chromatin via LINC complexes and the lamin network. Actin cytoskeleton,
which mechanically couples the nucleus and the ECM, as well as diferent regions of the cell, could
act as a large-scale mechanotransducer. FAs and stretch-sensitive ion channels at the cell membrane,
and the LINC complexes at nuclear membrane could act as small-scale mechanotransducers, whose
activities might be coupled by the actin cytoskeleton.
gene transcription [174]. Substrate stifness is also correlated with the expression of nuclear
lamin-A, which is a ilamentous protein that forms a dense ibrillar network under the nuclear
membrane and provides it with physical support [92]. This network connects LINC complexes
at cell cytoplasm-nucleus interface and nuclear chromatin, and hence could regulate gene
transcription and cell diferentiation [64, 92]. These signaling pathways are downstream of
the mechanotransduction processes that depend on the transmission of intracellular forces to
ECM.
Force transmission inmechanotransduction. The actomyosin network inside cells gen-
erates contractile forces to probe the ECM stifness. Transmission of these intracellular forces
to the ECM and various mechanosensitive cellular structures is important for ECM stifness
sensing. These forces are transmitted to the ECM and across the cell by a complex network
comprised of the cytoplasm-encompassing actin cytoskeleton, and local protein assemblies
such as FAs and LINC complexes (Fig. 1.6 on the facing page). Actin cytoskeleton (comprised of
contractile stress ibers embedded inside a contractile cytoplasmic actin gel) is anchored to the
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ECM through FAs, which then transmit the actomyosin forces to the ECM. It is also connected
to the LINC complexes at the nuclear membrane, which are linked to the ilamentous lamin
network inside the nucleus [175]. The lamin network provides the nuclear membrane with
structural support, while also being linked to the cell chromatin present inside the nucleus.
Thus, the actin cytoskeleton is physically connected to ECM via FAs, at one end, and to the
cellular chromatin via LINC complexes at the other end, thus making a complex network for
force transmission between cell chromatin and ECM [176, 171]. Transduction of force into
biochemical signal can potentially occur at any of the nodes (FAs and LINC complexes) of
this network, or within the linker of these nodes (actin cytoskeleton) itself. Also, the force
could directly be transmitted to the chromatin where it could regulate gene transcription. The
nodes of this force transmission network, FAs and LINC complexes, are only a few microns in
size and can only act locally by transducing mechanical signals that are directly transmitted
through them. Thus, these locally acting protein assemblies will be classiied as small-scale
mechanotransducers that could act at molecular or subcellular scale. On the other hand, actin
cytoskeleton, which links these nodes, encompasses the entire cell cytoplasm and can act
at the scale of the whole network (or cell) by transmitting force from one region to another
distant region almost instantaneously [177, 64]. Also, since it connects all the nodes of the
force transmission network, it could potentially couple the mechanotransduction processes
occurring at these separate nodes. Thus, actin cytoskeleton will be classiied as a large-scale
mechanotransducer that could act at subcellular and cellular scale.
Force-dependent protein binding kinetics in mechanotransduction. Several mecha-
nisms have been proposed for the functioning of small-scale and large-scale mechanotrans-
ducers, as deined above. These mechanisms share a mechanistic feature at the molecular
level, whereby the binding kinetics of proteins can be modulated by forces applied on the
proteins [178, 179], thus transducing the mechanical signal into a biochemical signal. Force
induces conformation changes in the proteins which can alter their interactions with other
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molecules. It has been shown that the binding kinetics of both FA proteins and actin cytoskele-
ton proteins can be altered by forces [68, 180, 181]. Also, increased tension at stretch-sensitive
ion channels has been shown to activate them, leading to a biochemical signaling cascade [57].
Forces can also lead to chemical modiication of proteins (for example by phosphorylation)
which can modify their function [182, 183]. The altered binding kinetics and chemistry of
proteins in these diferent cellular structures are believed to be the underlying mechanisms of
mechanotransduction across diferent scales [9]. I will discuss these mechanisms in detail
later in this section.
Spatial and temporal scales of mechanotransduction. Based on the studies so far, it
is clear that mechanotransduction is a complex process that occurs at diferent temporal
and spatial scales [184]. As described previously, diferent mechanotransducers in cells can
span diferent length scales (Fig. 1.6). Small-scale mechanotransducers, such as FAs, stretch-
sensitive ion channels, and LINC complexes, have dimensions ranging between nanometers
to a few microns. Thus, they can only transduce mechanical signals received locally at similar
length scales. On the other hand, the large-scale mechanotransducer actin cytoskeleton spans
the entire cell, with dimensions ranging in several tens of microns. Since its diferent compo-
nents are mechanically linked, it can respond to both local mechanical signals [177], and those
received at the scale of the whole cell [65]. It is to be noted that interaction of small-scale
mechanotransducers with actin cytoskeleton would enable them to respond at larger scales
as well, which would not be possible if they acted in isolation. Also, mechanotransduction
mechanisms mediated by FAs have been found to be at least several minutes long [185], while
those mediated by ion channels can act within a few seconds [186]. Large-scale mechanisms
mediated by actin cytoskeleton can act from less than a second (actomyosin contractility can
adapt within 0.1 second [187]) to a few hours (actin cytoskeleton organization can evolve
over a few hours [188]). Mechanisms that would afect gene transcription can be at the time
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scale of a few days [20].
Until recently, the small-scale mechanotranducers FAs were believed to be the primary sensors
of ECM stifness, and consequently, they are the most widely studied ones. However, it is
becoming clear now that FAs in themselves cannot explain mechanotransduction completely
(particularly at very fast time scales and large length scales), and large-scale mechanotran-
ducers could be playing an important role as well [184]. Thus, the study of the large-scale
mechanotransducer actin cytoskeleton has become increasingly important. In the following
sections, I will summarize the diferent mechanisms proposed for small-scale and large-scale
mechanotransducers.
1.4.1 Small-scale mechanotransducers: Role of focal adhesions
Although FAs, stretch-sensitive ion channels and perhaps the LINC complex can all act as
small-scale mechanotransducers [59, 64, 186], FAs are believed to be the primary mediators
of ECM stifness sensing.
Ion channels in the vicinity of FAs, which are connected to contractile stress ibers, have
been observed to get activated by increasing stress iber tension [57]. Hence they could mod-
ulate the concentration of Ca2+ in the cell cytoplasm, which plays a role in actin cytoskeleton
reorganization [186]. However, the particular ion channels that respond to the contractile
force in mammalian cells have not been identiied yet, and the underlying mechanisms are not
know [186]. Also, the proposed role of LINC complexes in mechanotransduction, whereby
they could transduce forces at the nuclear membrane to regulate gene expression, is not
proven yet with any direct evidence of their transduction activity [171, 189].
Thus, FAs have gained primacy as small-scale mechanotransducers and are currently the
most studied mechanotransducers. Their role in mechanotransduction was irst demonstrated
by Choquet et al. [4] who showed that cells respond to increasing substrate stifness and
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applied force by reinforcing the actin-integrin linkage at FAs. Subsequent studies then further
showed that FAs grow anisotropically in the direction of applied force [190], and apply a
constant stress (force per unit area) on the underlying substrate [56, 118] (Fig. 1.7 b); constant
stress implies that FA size grows proportionally to force exerted by FAs. However, this was
not true for nascent adhesions at the leading edge of migrating cells [191]. Also, FAs on
soft PAA gels were observed to be more dynamic, with shorter lifetimes, compared to those
on stif gels [111]. These initial observations, along with the fact that FAs are the closest
intracellular signaling complexes to ECM, led to the hypothesis that FAs could be direct
mechanotransducers of ECM stifness.
The proposed mechanisms for FA-based mechanotransduction involve actomyosin force-
mediated changes in protein conformation ś either through mechanical stretching or by
modulation of binding kinetics. The conformation changes could lead to transduction of
mechanical signals to biochemical signals, which could then regulate intracellular signaling
pathways.
Force-induced protein stretching
It is believed that force-induced protein stretching (irst demonstrated for the striated muscle
protein titin [194, 195]) is the main mechanism by which FAs can convert mechanical signals
into biochemical signals. Unfolding a protein upon stretching can expose some hidden binding
sites within it, which would then be accessible to other proteins [58, 196]; binding of these
proteins to the hidden sites can initiate a signaling cascade. FAs transmit the intracellular
forces generated by the actomyosin contractile network to the ECM and hence are subjected
to these forces. Since FAs are essentially large assemblies of various proteins (Fig. 1.1 c), some
of their constituent protein can potentially act as a mechanotransducer due to actomyosin
force-induced unfolding.
30











































Figure 1.7 | Focal adhesion mediated small-scale mechanotransduction. (a) A fibroblast cell
expressing GFP-vinculin to label FAs. Red vectors show traction forces. Scale bars, 30 nN and 4 µm.
(b) Correlation between area and force at individual focal adhesions, implying constant stress of
5 nN/µm2. (a) and (b) Reproduced from Balaban et al. [56]. (c) Talin unfolds under force, exposing
binding sites for vinculin. Adapted from del Rio et al. [58] and Schoen et al. [192]. (d) Force-dependent
lifetime of catch-bond. The curve shows lifetime of integrin α5β1 ś fibronectin bond. Reproduced from
Schoen et al. [192] who adapted it from Merkel et al. [179]. (e)Molecular clutch model. Retrograde
flow of actin filaments (due to polymerization at cell edge) can engage with the ECM-bound integrins
via the FA clutch. On sot ECM, the clutch is not engaged, while on the stif substrates the clutch is
engaged leading to traction force exertion in ECM. Reproduced from Case and Waterman [193]. (f)
Images of eGFP-paxillin (top panels, time in min:s) and corresponding heat maps of reconstructed
traction stresses with FAs outlined in black (botom panels). Red dot: the position of peak traction
for the FAs analyzed in (g). (g) Plot of the position of peak traction stress along the FA (let axis, red,
with the FA center, set to zero) and the peak traction magnitude (right axis, black) over time. (h) Top:
Box plot of peak traction position within FAs. Botom: Fraction of FAs in which the position of peak
traction was significantly skewed toward the distal FA tip. (f-h) Reproduced from Plotnikov et al. [61].
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The FA adaptor protein talin, which connects cell membrane receptors integrins to the
actin cytoskeleton, has been shown to unfold under physiological level forces (a few pN),
both in vitro [58] and inside cells [197]. The force-induced unfolding of talin exposes hidden
binding sites for the FA protein vinculin, which reinforces the integrin-actin linkage in FAs
upon binding [58] (Fig. 1.7 c). Vinculin can reinforce the FA by bearing some part of the
forces borne by talin molecules Ð using FRET-based tension sensors, Grashof et al. [143]
found that vinculin is stretched and bears ~2.5 pN of force in stable FAs, and is unstretched
in disassembling FAs. Also, vinculin recruitment and stretching could regulate recruitment
and release of other FA proteins [198], which in turn could promote integrin signaling events
that could regulate cell migration and survival. Vinculin binding to talin and its subsequent
stretching can also initiate mitogen-activated protein kinase 1 (MAPK1) based signaling that
can regulate stem cell diferentiation [199].
The FA scafold protein p130Cas also undergoes force-induced unfolding to expose hidden
phosphorylation sites [200]. Phosphorylation at these sites activates small GTPase Rap1
which leads to a signaling cascade that regulates several cellular functions such as migration
[201].
Force-induced modulation of protein binding kinetics
Besides unfolding proteins and exposing hidden binding sites, forces can also modulate the
binding kinetics of proteins [178, 179]. Lifetimes of most non-covalent protein interactions
decrease with increasing applied force, and these interactions are called slip bonds [192].
However, there are some protein interactions whose lifetime increases with increasing applied
force, and these interactions are called catch bonds [202] (Fig. 1.7 d). For example, catch
bond behavior has been observed for binding of FA proteins integrins and zyxin with their
respective ligands [180, 181], and for the binding of cadherin-catenin complex (a minimal
model of cell-cell adhesions) to actin ilaments in vitro [203]. The force-dependent lifetime of
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FA protein interactions could regulate the activity of signaling molecules in FAs, thus helping
in transduction of mechanical signals.
Molecular clutch model
The force-dependent unfolding of FA proteins and modulation of their binding kinetics can
regulate the transmission of cellular forces to the ECM. Currently, a molecular ‘clutch’ model
is the leading explanation for force transmission through FAs that could also explain FA-
mediated sensing of ECM stifness [62, 63, 204, 193] (Fig. 1.7 e). The basic mechanism of the
clutch model is as follows: actin ilaments that are polymerized at the front of lamellipodium
in a migrating cell are driven rearwards due to myosin contractility and resistance of cell
membrane to polymerization; the rearwards lowing ilaments encounter the FAs at the rear of
the lamellipodium; the ‘clutch’ is engaged when the actin ilaments are connected to the ECM
through the FAs, and their low slows down. This engagement of the molecular clutch leads
to the application of traction forces on the substrate and further growth and maturation of the
FA, which is directly linked to cellular mechanotransduction. It is believed that the molecular
clutch can be engaged on a stif ECM because it can provide resistance to intracellular forces,
which leads to increase in force across FA proteins [63]. The increased force leads to protein
unfolding and modulation of protein binding kinetics that could reinforce the actin-ECM link
and transmit the actomyosin forces to the ECM efectively. On soft substrates, the clutch
cannot be engaged since the ECM does not provide enough resistance to enable reinforcement
of the FA, and hence actomyosin forces are not transmitted efectively.
The details of how the clutch could be engaged in an ECM stifness-dependent manner are
being researched currently [62, 63]. Chan and Odde [204] had developed a simple stochastic
model to understand the role of the FA clutch in ECM stifness sensing by considering only
the force-dependent binding kinetics of FA proteins. Although some of the prediction of their
model, such as luctuating forces at FAs, were later observed experimentally [61], importantly,
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themodel also predicted a non-monotonic increase of traction forces with ECM stifness, which
was contrary to the experimentally observed monotonic increase [69]. Recently, Elosegui-
Artola et al. [63] developed an enhanced model for FA clutch (ibronectin-integrin-talin-actin
link) that included both the force-dependent binding kinetics of integrin-ibronectin and
exposure of vinculin binding sites on talin. This enhanced model could correctly obtain the
monotonic increase in forces with substrate stifness. This shows that both force-induced
protein unfolding and modulation of their binding kinetics could be playing a cooperative
role in the clutch mechanism for FA-mediated ECM stifness sensing.
Chan and Odde [204] had predicted that traction forces at FAs would luctuate on soft
substrates, while they would be stable on stif substrates. This prediction was indeed found to
be true [61]. Using high-resolution PAA gel-based TFM, Plotnikov et al. [61] observed that the
traction forces within a FA were not distributed uniformly Ð they peaked at a point between
the distal tip and center of the FA (Fig. 1.7 f). The FAs with the traction force peak closer to
the distal tip (on average) were observed to experience a ‘tugging’ traction force, with the
force peak position luctuating between the distal tip and center of the FAs (Fig. 1.7 g); FAs
with force peaks at their center (on average) did not experience any luctuations. Interestingly,
they observed that the majority of FAs on soft substrates experienced the ‘tugging’ forces,
while a majority of those on stif substrates experienced stable forces (Fig. 1.7 h). This was
thought to imply that FAs can act as autonomous mechanotransducers that can sense the
local stifness of ECM by repeatedly ‘tugging’ on them. However, the origin of the ‘tugging’
or luctuating forces is not clear yet.
Besides the molecular clutch model, several ‘condensation’ models were also proposed to
explain FA-mediated ECM stifness sensing [184]. These models attempted to describe the
force-dependent anisotropic growth of FAs [190, 56]; essentially, they proposed diferent
mechanisms for adsorption (or condensation) of proteins into an existing protein adhesion
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plaque that is under stress [205ś207]. Some of the proposed mechanisms were passive and
based on minimization of the protein adsorption energy without including any molecular
details [205]; others were active and based on minimization of the energy required to maintain
a constant stress at FAs, and included force-dependent protein binding ainities [206, 207].
The active condensation models could explain the force-dependent growth of FAs on stif
substrates Ð on soft substrates, it costs more elastic energy to maintain a constant stress and
deform the proteins because of low resistance of the substrate, leading to smaller adhesion
sizes. However, the underlying assumption of constant stress was later experimentally shown
to be true only in certain conditions [69, 208] (discussed in the next section). Also, the model
took into account the deformation of the substrate only at the scale of a single FA. Substrates
that are very stif at the scale of a FA, but soft at a larger scale Ð such as micropillars, or
soft 3D protein networks composed of very stif protein ilaments like collagen Ð would not
deform at the scale of a single FA, and hence these condensation models could not explain
stifness sensing on such substrates (discussed further in the next section).
All the mechanisms proposed so far for FA-based mechanotransduction, including molecular
‘clutch’ model and condensation models, remain essentially local, whereby FAs could sense
only the local stifness at length scales similar to their size. Also, these mechanisms do not
explain how several autonomous FAs can cooperate with each other to elicit a coherent
response at the cellular scale. In the following section, I will discuss the shortcomings of
FA-mediated mechanisms in explaining mechanotransduction at the cellular scale.
Shortcomings of FA-based mechanotransduction
There is now increasing evidence showing that FA-mediated mechanotransduction mecha-
nisms are not suicient to explain ECM stifness sensing [209].
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Several studies from the last decade show that force-dependent anisotropic growth of FAs
Ð observation that underpinned the hypothesis of FAs as mechanotransducers Ð are actually
context-dependent. Using PAA gel-based TFM, Stricker et al. [208] calculated the traction
forces exerted at FAs over their lifetime. They found that the FAs grew proportionally to the
traction forces only during their growth phase, and once matured, their size could remain
stable even if the force increased or decreased with time (Fig. 1.8 a). Thus, the stress (force
per unit area) at FAs is not constant with time and depends on the maturation state of the
FAs. Also, Trichet et al. [69] used micropillar substrates to calculate traction forces at FAs
for diferent substrate stifness. They found that the slope of the curve for average traction
forces at FAs vs their size depended on substrate stifness, showing that the same FA area can
experience a diferent level of forces (Fig. 1.8 b). This also indicated that the stress at FAs was
not constant and increased monotonically with substrate stifness (Fig. 1.8 c). Taken together,
the results obtained by Stricker et al. [208] and Trichet et al. [69] indicate that FA size in itself
may not regulate traction forces since stress at FAs depends on their maturation state and
substrate stifness.
Also, FA-mediated sensing of ECM stifness by the exertion of ‘tugging’ forces, as observed
by Plotnikov et al. [61] (Fig. 1.7 f), could not explain stifness sensing for micropillar sub-
strates. In studies using micropillars, their stifness or spring constant (large-scale stifness)
is modulated by changing their height, while the small-scale stifness (Young’s modulus of
PDMS) is kept constant. Micropillars that provide a high local stifness (2 MPa) at the scale
of a FA on their tops, but large-scale stifness (5 nNµm−1 to 100 nNµm−1) at the scale of the
entire micropillar have been used to look at cell response to substrate stifness [69]. The
‘tugging’ force at FAs on micropillar tops would only probe the very high local stifness at the
scale of a FA, and would not detect the lower stifness of the whole micropillar. However, the
cells responded diferently to micropillars with diferent large-scale stifness by modulating
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their traction forces [69] (Fig. 1.8 b), suggesting the existence of additional mechanisms for
stifness sensing.
Interestingly, it was also observed that FAs could grow and mature in the absence of
actomyosin forces; the architecture of actin ilaments at FAs was found to be critical for their
maturation [74, 210]. Choi et al. [74] studied the assembly of nascent adhesions and their
maturation into FAs in migrating cells. They found that the nascent adhesions elongated
and matured along a template of actin ilaments cross-linked by α-actinin, that grows from
the nascent adhesions. This template was found to be critical for adhesion maturation since
knockdown of α-actinin led to shorter FAs, which could be rescued by overexpressing either
α-actinin or an inactive mutant of myosin II that binds to actin constitutively (Fig. 1.8 d). FA
elongation was observed even when the force-generating activity of myosin was inhibited.
Oakes et al. [210] also studied the efect of actin architecture on FA maturation by selectively
impairing dorsal iber assembly at FAs Ð they inhibited formin (actin nucleator at FAs) and
α-actinin (Fig. 1.8 e). They found that FAs in cells with impaired dorsal iber assembly did
not mature Ð FAs did not elongate and accumulation of mature FA markers phosphorylated
paxillin and FAK (focal adhesion kinase) was reduced Ð even though traction forces were
generated at FAs (Fig. 1.8 f-h). These studies indicate that traction forces are not suicient
for FA maturation, which critically depends on the architecture of actin cytoskeleton. Thus,
other mechanisms, besides FA maturation led force transmission, might also be involved in
substrate stifness sensing.
Also, cells have been shown to respond to changes in substrate stifness within 0.1 s [187]
(discussed in detail in Sec. 1.4.2 on page 41), which is several orders of magnitude smaller
than the time (at least a few minutes) it takes for FAs to respond [185]. Taken together, all
these studies discussed here suggest that considering FAs as primary mechanotransducers








Figure 1.8 | Shortcomings of FA-mediated mechanotransduction. (a) Traction forces are cor-
related to FA area only during FA growth, and not once they mature. Adapted from Stricker et al.
[208]. (b,c) Slope of the force vs FA area curve changes with substrate stifness (a), leading to non-
linear increase in stress at FAs (c). Adapted from Trichet et al. [69]. (d) Elongation index (ratio of
major to minor axis of a fited ellipse) of FAs in α-actinin knockdown cells. The cells were rescued
by overexpressing α-actinin (α-act), myosin IIA (MIIA) and a mutant of myosin that is inactive but
constitutively binds to actin (MIIA N93K). Reproduced from Choi et al. [74]. (e) Immunolocalization
of actin and paxillin (Pxn) in WT, formin inhibited (Dia Inh) and α-actinin knockdown (Atn-1 KD)
U2OS cells. Dia Inh and Atn-KD disrupt radial dorsal fibers. (f-h) Traction forces (f), FAK (g) and
phosphorylated paxillin (h) at FAs in the WT and dorsal fiber inhibited cells. (e-h) Reproduced from
Oakes et al. [210].
38
1.4 Mechanisms of Mechanotransduction
large-scale mechanisms may also couple the signals from diferent FAs, and lead to a coherent
response at the cellular scale.
1.4.2 Large-scale mechanotransducers: Role of actin cytoskeleton
Small-scale mechanotransducers acting at the molecular or subcellular level, particularly FAs,
have been widely studied for their role in mechanotransduction and were thought to be the
primary mechanotransducers. However, as discussed above, there is increasing evidence now
showing that small-scale mechanisms are not suicient to fully explain mechanotransduction.
Thus, mechanotransduction mechanisms occurring at a larger scale, i.e. at the cellular level,
could play an equally important role [211, 67, 69, 153, 212]. These large-scale mechanisms
may also coordinate the response of small-scale mechanotransducers at the cellular level, and
lead to a coherent mechano-response by acting in concert with them.
Experimental and theoretical work in the last few years has shown that the large-scale
mechanisms could be mediated by actin cytoskeleton, which is a large network of ilamentous
actin in the cell. Actin cytoskeleton contractility, organization, rheology and dynamics can
directly respond to ECM stifness [65, 69, 67, 213], and may then partially regulate FA-based
mechanotransduction [214] or directly afect transcription at the nucleus [64, 171]. In the
following sections, I will describe the currently proposed mechanisms for actin cytoskeleton
mediated mechanotransduction.
Tensegrity model of actin cytoskeleton
One of the earliest suggestions that actin cytoskeleton acts as a large-scale mechanotransducer
was made around the same time as FAs were getting recognized as primary mechanotrans-
ducers [211, 215, 216]. Ingber [217] suggested that cellular cytoskeleton (composed of actin
ilaments, microtubules, and intermediate ilaments) is organized like an architectural struc-
ture called tensegrity. The tensegrity structure in cells is composed of a network of tensed
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Figure 1.9 | Tensegritymodel of actin
cytoskeleton. Tensegrity architecture:
forces are balanced among tensed actin
filaments (MF) and compressed micro-
tubules (MT) and traction forces at the
FAs. Reproduced from Stamenović and
Ingber [218].
actin ilaments, which are balanced by the compression resistant microtubules (Fig. 1.9). The
contractility of the actin cytoskeleton provides mechanical stability to the whole tensegrity
structure.
Ingber [215] proposed that the tensegrity architecture of the cytoskeleton enables the cell
to respond immediately to forces, which can then be transduced into biochemical signals
through force-dependent changes in cytoskeleton organization. Also, the forces could be
transmitted to the nucleus and other mechanotransducers, such as FAs, in a cytoskeletal
structure and contractility dependent manner. Hence, a local mechanical signal could lead to
a global response at the cellular scale. In spite of several experimental and theoretical studies
supporting the idea that actin cytoskeleton can act as a large-scale mechanotransducer due to
its tensegrity architecture [211, 219, 220, 216], the tensegrity model of actin cytoskeleton has
not been fully accepted because of its severe limitations. Its limitations include the assumption
that the actin ilaments can slide without friction which precludes their cross-linking in the
cytoskeleton. Also, the tensegrity model is a stable, self-equilibrated and static system, which
could not be reconciled with the dynamic and out-of-equilibrium nature of actin cytoskeleton.
Adaptive contractility of actin cytoskeleton
More recent studies have shown that cells can respond to substrate stifness by directly
modulating the contractility of their actin cytoskeleton [65, 187, 221, 222]. They reported that
the stifness dependent adaptation of contractility is very fast and does not depend on FA-
based signaling [187, 222]. Since cellular contractility has been associated with various cellular
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Figure 1.10 | Actin cytoskeleton contractility adapts to ECM stifness. (a) A cell suspended
between flexible microplates exerts forces at rates dependent on plate stifness. Reproduced from
Mitrossilis et al. [65]. (b) The cell suspended between microplates can respond to step changes in
plate stifness (red lines) on the order of 0.1 s. Reproduced from Mitrossilis et al. [187]. (c) Response
time of actin cytoskeleton to sudden change in microplate stifness does not depend on FAs or stretch
sensitive ion channels, but only on actomyosin contractility. Diferent drugs were used to inhibit FAs
(FAK inh, pp2), ion channels (Gd) actin filaments (Cyto D), microtubule (Nocod) and myosin (Blebb).
Reproduced from Crow et al. [222].
responses [23], this shows that actin cytoskeleton can act as a large-scale mechanotransducer
by directly modulating its contractility in response to substrate stifness.
In order to study the efect of substrate stifness on cell contractility, Mitrossilis et al. [65]
developed a parallel-microplates experimental setup Ð they suspended single cells between
two parallel glass microplates so that the cells could adhere and then pull on them; one of
the microplates was lexible (to mimic ECM stifness) and could be used as a force sensor
(Fig. 1.10 a). Using microplates of diferent stifnesses, they found that the cellular force
increased faster on stifer microplates, implying that the mechanical power output of the
cells increases with substrate stifness. Also, they found that this data it with the Hill model
observed for muscles which relects the force-dependent kinetics of actin-myosin biding [223].
This suggests that the actomyosin contractile units of actin cytoskeleton could themselves act
as mechanotransducers by adapting their mechanical power output due to force-dependent
change in myosin contractility [182].
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Recently, Étienne et al. [213] developed a model, based on the force-dependent collective
dynamics of actin and myosin, to describe this substrate stifness dependent modulation
of actin cytoskeleton contractility. They showed that the fraction of myosin motors whose
contractility is efectively transferred to the substrates in the form of forces (and not dissipated),
depends on the force that the substrate can bear, and hence its stifness.
Also interestingly, Mitrossilis et al. [187] could dynamically change the microplate stifness
in real-time and found that the rate at which the cellular force changes adapted to the stifness
is less than 0.1 s (Fig. 1.10 b). Later, Crow et al. [222] used a similar experimental setup and
found that the adaptation time-scale did not change on inhibition of FA-based signaling and
stretch-sensitive ion channel activity; it only changed on inhibition of actomyosin contractility
(Fig. 1.10 c). Thus, this fast response cannot be explained by FA-dependent slow biochemical
signaling [185], and was attributed to fast adaptation of actin cytoskeleton contractility [187].
Hence, it is becoming clear that actin cytoskeleton can act as a large-scale mechanotrans-
ducer by directly adapting its contractility to substrate stifness at a very fast rate.
Adaptive organization of actin cytoskeleton
The organization of actin cytoskeleton had also been shown to change with substrate stifness
[162, 60], but it was thought of more as a consequence of FA-mediated mechanotransduction,
and its role as a driving force in mechanotransduction was not explored [60]. On stif
substrates, cells were observed to have thick stress ibers that were aligned in the same
direction, while on soft substrates the actin cytoskeleton was less well deined and had
no stress ibers [162, 60]. The alignment of stress ibers may play a role in embryogenesis
[224] and osteogenic diferentiation of MSCs [225]. However, experimental and theoretical
studies conducted thereafter proposed a direct role of actin cytoskeleton organization in
mechanotransduction [67, 69, 226].
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Figure 1.11 | Actin cytoskeleton organization adapts to ECM stifness. (a) Schematic of the
model proposed by Walcot and Sun [226]. Myosin II generates force between anti-parallel actin
filaments, anchored to FAs at one end and to the actin cytoskeleton at the other end. In both the FA
and the cytoskeleton, proteins are drawn as masses on springs in order to indicate how they function
in the model. Reproduced from Walcot and Sun [226]. (b) Actin filaments in MSCs reach highest
alignment (quantified as order parameter S) at an optimal stifness of ~10 kPa. r refers to the aspect
ratio of cells and solid lines are fited theoretical curves. Adapted from Zemel et al. [67]. (c) Actin
filaments (green) in fibroblast cells get more aligned (quantified as order parameter) as substrate (red)
stifness increases. Reproduced from Trichet et al. [69].
Walcott and Sun [226] developed a mechanical model to understand how FAs and actin
cytoskeleton interact by myosin-generated forces during mechanotransduction (Fig. 1.11 a).
They modeled FAs such that they provide a linear viscous drag against the substrate, with
the drag coeicient dependent on FA attachment and detachment rates, and the substrate
stifness. Myosin was assumed to have force-dependent activity (force-velocity relation)
based on Hill’s model for muscles [223]. Actin cytoskeleton was modeled as a network of
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cross-linked rigid rods (actin ilaments) that has an internal viscous drag. They found that
the actin ilaments bundle and align in the direction of applied force on stif substrates, while
they were randomly organized on a soft substrate; this explained why stress ibers form on
stif and not on soft substrates. Thus, they showed that even purely mechanical interaction
between active mechanical systems ś FAs at a small-scale, and myosin-containing actin
cytoskeleton at a large-scale ś can explain mechanotransduction. This supports the idea that
actin cytoskeleton plays an important role in mechanotransduction at a large scale.
Zemel et al. [67] suggested that there is a generic mechanical coupling between actin
cytoskeleton organization, cell shape and substrate stifness that could help explain mechano-
transduction. They modeled the cell as an active elastic gel that can exert contractile forces
on its deformable substrate. The forces were modeled as local ‘force dipoles’ formed by forces
at stress iber ends, and a phenomenological coupling was introduced between the local
intracellular stress and the orientation of the force dipole. In order to see if the predictions of
the model agreed with cellular behavior, they conducted experiments to observe actin organi-
zation in MSCs on PAA gels of varying stifness. They quantiied the alignment of actin stress
ibers as an order parameter (value of 1 for complete alignment and value of 0 for random
distribution), for cells of diferent aspect ratio and diferent substrate stifness (Fig. 1.11 b).
They found that the order parameter showed a non-monotonic behavior (increasing for low
stifnesses and decreasing for higher stifnesses), with highest stress iber alignment at an
optimal stifness. Their model could reproduce this experimentally-observed non-monotonic
alignment of stress ibers (Fig. 1.11 b). The phenomenological coupling in the model indicates
that cell contractility could be dependent on actin cytoskeleton alignment and that there is a
feedback loop between them that depends on substrate stifness.
Trichet et al. [69] also found similar substrate-stifness-dependent alignment of stress
ibers. However, in contrast to Zemel et al. [67]’s experimental observation for MSCs, Trichet
et al. [69] found that stress iber alignment in ibroblast cells increases monotonically with
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substrate stifness (Fig. 1.11 c). This diference could be because stress ibers in MSCs are
nascent and weak when compared to those in ibroblasts (Fig. 1.11 b,c). Weak stress ibers
may not be able to bear higher tension on very stif substrates and collapse, leading to lower
alignment on stifest substrates and hence a non-monotonic alignment with substrate stifness.
Also, Zemel et al. [67] used continuous PAA gels which show strain propagation, compared to
the discontinuous micropillar substrates used by Trichet et al. [69] ś strain propagation could
lead to mechanical interaction between FAs, and may inluence the alignment of stress ibers
anchored at them. It could also be that stress ibers in ibroblasts have stronger interaction
with each other (through the cytoplasmic actin gel) compared to those in MSCs Ð Friedrich
and Safran [227] had theoretically predicted that stronger interactions between stress ibers
(modeled as force dipoles) would lead to a monotonic increase of their alignment, while
weaker interactions would lead to non-monotonic increase in alignment.
Trichet et al. [69] also proposed that actin cytoskeleton can act as a large-scale mechan-
otransducer by modulating its contractility and organization. Importantly, they used the
micropillar substrates that had the same local stifness on their tops at the scale of a FA,
but had diferent stifnesses at the scale of micropillars. Thus, in this case, the FAs would
sense only the very stif micropillar tops, and cell behavior should not depend on micropillars
stifness. However, they found that the stresses at FAs, the rate of force increase, and the
stress iber alignment depended on micropillar stifness (Fig. 1.11 c). This indicated towards
mechanotransduction mechanisms other those mediated by FAs.
To understand actin cytoskeleton mediated mechanotransduction, Trichet et al. [69]
proposed a model with phenomenological coupling between stress iber alignment and local
intracellular stresses (or contractility), based on the active gel theory [228]. The iber alignment
was further assumed to be coupled to the local strain in the cell; this is a general property of
viscoelastic materials comprised of rod-like particles [229]. At the scale of a single stress-iber,
this was written as σa =−γ(x− x0), where σa is the stress in the stress iber due to myosin
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contractility, x0 and x are the initial and deformed lengths of stress iber respectively, and
γ is a coupling constant. Also, the force balance equation for a stress iber was taken as
F = kx = σaSFA, where F is the force exerted by the stress iber at FA located at its end, k




, which it with their measurement of stresses at FAs for diferent substrate
stifness (Fig. 1.8 c). Although this model could predict the changes in traction forces with
substrate stifness, it was solved only for a single stress iber, and thus could not quantitatively
predict the alignment of stress ibers. We have further adapted this model to quantitatively
explain stress iber alignment, which I will discuss in chapter 3.
Taken together, the studies discussed above show that actin cytoskeleton can reorganize
in response to substrate stifness, which can lead to a large-scale response from the cell due
to modulation of cell contractility or of traction forces transmitted to the ECM.
Adaptive rheology of actin cytoskeleton
Most cells behave mechanically as nonlinear viscoelastic materials, whose stifness changes
with their deformation [230, 231], and recently it was shown that they can even undergo plastic
deformations [232]. Cellular mechanical properties are thought to depend on those of actin
cytoskeleton, which can adapt dynamically to ECM stifness. Interestingly, cells have been
observed to adapt their mechanical properties, or rheology, to match that of the surrounding
ECM [233ś235]. Using an atomic force microscope (AFM), Solon et al. [233] probed the
elasticity of ibroblast cells adhered on PAA gels of diferent stifness (0.5 kPa to 40 kPa). They
found that the stifness of the cells (measured as Young’s modulus) almost matched that of the
underlying gels of stifness up to 20 kPa, after which it saturated (Fig. 1.12 a). This adaptation
of cell stifness was thought to depend on the density and organization of actin ilaments,
whose amount in cells was also found to increase with substrate stifness [233] (Fig. 1.12 b).
Importantly, ECM stifness matching was found to have implications in cancer progression
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a b
Figure 1.12 | Cell stifness adapts to ECM stifness. (a) Cell stifness (Young’s modulus) as a
function of substrate stifness. Each point is a mean±SD of 12ś40 diferent cells. (b) Amount of actin
filaments as a function of substrate stifness. Densitometric quantification of Western blots for actin
filaments sedimenting at low speed, from fibroblasts adhered on PAA gels. Reproduced from Solon
et al. [233].
as well Ð cancer cells that match their stifness to that of surrounding ECM have a higher
metastatic potential [236]. Thus, it is thought that one of the ways that cells may sense ECM
stifness is by adapting their internal mechanical property (actin cytoskeleton) to that of the
ECM.
Most of the current molecular-scale understanding of how actin cytoskeleton mechanical
properties can be modulated has been obtained by studying reconstituted actin networks
in vitro [237, 238]. The reconstituted networks show both linear viscoelastic response and
nonlinear elastic response [238]. The viscoelastic response of the networks was found to
depend on the time scale of measurement, and cross-linking of the network. Permanent
cross-linking lead to a purely elastic behavior of the network [239], while dynamic binding
ainities of actin cross-linkers could lead to time-scale dependent viscous response [240, 241]
Ð this is so because cross-linker unbinding leads to remodeling of the network. The nonlinear
elasticity (or strain-dependent change in stifness) of the networks depended on the density of
the actin ilaments and their cross-linkers Ð at large strains, low-density networks get softer,
while high-density networks get stifer [239]. Also, the presence of myosin-based contractility
leads to luidization and stifening of the network [242]. The contractility of the network, in
turn, depends on the network structure, being highest at an optimal cross-linking [243].
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The results obtained for reconstifuted actin ilaments are only now beginning to be
validated inside cells. Recent studies have revealed the role of cross-linkers and myosin
motors in the adaptation of actin cytoskeleton rheology in living cells [244, 245]. By using
mutants of actin ilament cross-linker α-actinin to change its binding kinetics in live cells,
Ehrlicher et al. [244] showed that cells could show either a luid-like or a solid-like behavior.
This was similar to the earlier in vitro observations [246]. Ehrlicher et al. [244] also found
that higher ainity of α-actinin led to larger cellular traction forces, which was attributed
to less dissipation of myosin contractility in a solid-like cytoskeleton, compared to that in a
luid-like cytoskeleton. This indicates that transition in rheology could have implications in
ECM stifness sensing by regulating cellular traction forces.
Structure and dynamics of actin cytoskeleton
In addition to the adaptation of contractility, organization, and rheology, actin cytoskeleton
structure may also be important for substrate stifness sensing. Studies have indicated that
cells deform substrates (within a certain range of stifness) by a constant amount [166, 123,
121], indicating constant substrate strain as a mechanism to probe substrate stifness. The
underlying mechanisms are only now coming into the picture and seem to depend on the
structure of actin cytoskeleton [153].
Using micropillar substrates, Saez et al. [166] and Ghibaudo et al. [123] had found that
migrating epithelial and ibroblast cells deform the substrates by constant values of 120-160
nm and ~100 nm respectively, irrespective of substrate stifness (up to a stifness value).
Although the underlying mechanisms leading to constant displacement were not clear, Saez
et al. [166] hypothesized that the constant displacements might be due to structural limitations
on contraction of sarcomeric units of actin ilaments. Later, Ghassemi et al. [121] found that
ibroblasts spreading on micropillars with sub-micron diameter moved the micropillars by a
constant displacement of ~60 nm; the displacement did not depend on micropillar stifness.
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Figure 1.13 | Structure and dynamics of actin cytoskeleton. (a) Schematic of a contractile unit
with relevant proteins shown (Tm is tropomyosin). (b) The step size of micropillar deflection increased
on knocking down tropomyosin. (c) Knock-down of tropomyosin led to increase in micropillar
displacement step size, which then changed with substrate stifness. (a-c) Adapted from Wolfenson
et al. [153]. (d) An example of the dynamic self-organization of the actin cytoskeleton (visualized
using LifeAct-GFP) for a cell adhered to a circular ECM patern. The actin cytoskeleton first organized
into a radial patern (100 min). The radial filaments began to tilt (198 min), leading to a chiral patern
organization (260 min). The actin cytoskeleton could break the chiral symmetry and polarize into the
array of aligned filaments (646 min). Scale bar. 10 µm Reproduced from Tee et al. [188].
Along Saez et al. [166]’s hypothesis, they also proposed that the constant displacement could
be due to micron-scale actomyosin contractile units, whose structure was later found to be
critical for mechanotransduction [153] (Fig. 1.13 a). Wolfenson et al. [153] found that the
contractile units, acting as independent force dipoles, displaced the micropillars in steps
of ~2.5 nm in cycles of force production and maintenance. The step number in the irst
cycle of force production depended on substrate stifness. Importantly, the step size did not
depend on substrate stifness, but on the protein tropomyosin that lies along the length of
actin ilaments in the contractile units and controls actin-myosin interaction (Fig. 1.13 b).
Depletion of tropomyosin led to larger step sizes which abrogated the constant displacement
of micropillars and resulted in aberrant substrate stifness sensing (Fig. 1.13 c).
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Also, Tee et al. [188] have shown that the structure and dynamics of actin cytoskeleton can
regulate cell polarization, and thus mechanotransduction. They observed radially symmetric
actin cytoskeleton (radial and tangential actin ilaments) could break its symmetry and polarize
(actin ilaments aligned in the same direction) over time (Fig. 1.13 d). They found that break
in symmetry depended on the inherent helical structure of actin ilaments, and cross-linking
activity of α-actinin.
Hence, the studies described here show that the structure of actin cytoskeleton (micron-
scale contractile units are a part of the cytoskeleton) could regulate ECM stifness sensing.
Molecular kinetics behind large-scale mechanosensing. The actin cytoskeleton medi-
ated large-scale mechanisms described above depend on the force-dependent binding kinetics
of molecular components of the actin cytoskeleton. The change in binding kinetics is almost
immediate and could lead to modulation of actin cytoskeleton structure, dynamics, contrac-
tility, and organization. This would lead to the fast response times of actin cytoskeleton as
described earlier. It has been observed that actin binding activity of actin nucleator formin,
actin ilament depolymerizing factor coilin, and actin cross-linker α-actinin depends on force
across them or actin ilament [247, 68, 237, 244]. Modulation of their activity could change
actin cytoskeleton structure, dynamics and organization. Myosin II activity is known to
be force dependent [182], which could modulate actin cytoskeleton contractility. Also, the
actin ilament binding activity of signaling molecules zyxin and phosphoERK depends on
force across the ilaments [66, 183]. This means that actin cytoskeleton could directly initiate
biochemical signaling.
Taken together, all the studies described in this section show the role played by actin cy-
toskeleton in ECM stifness sensing (by dynamically adapting its contractility, organization,
and rheology to its environment). Although, currently proposed mechanisms for actin cy-
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toskeleton mediated mechanotransduction have taken our understanding of ECM stifness
sensing forward, further research is required for a complete picture to emerge.
1.5 Conclusions
In this chapter, I have given an overview of mechanotransduction, the process by which cells
sense the stifness of their surrounding ECM. The ability of the cells to sense ECM stifness is
critical for tissue development and homeostasis and is linked to several diseases such as cancer
and ibrosis. ECM is a highly diverse and complex 3D structure, whose stifness depends
on its composition and organization. Several techniques have been developed to reproduce
the ECM in vitro to enable the study of mechanotransduction. Among these, PAA gels and
micropillar substrates are the most widely used techniques because they provide precise
control over their stifness, and enable measurement of cellular traction forces. The use of
these substrates has revealed that various cellular functions, such as migration, proliferation,
and diferentiation, can be afected by ECM stifness. These cellular functions are regulated
by several intracellular pathways that in turn can be regulated by the mechanotransduction
process. The mechanotransduction process depends on force transmission between the cell
and the ECM, and the cellular structures involved in this process can be classiied as small-
scale or large-scale, based on their length scale. Among these structures, the small-scale FAs,
which act at micron scale are believed to be the primary mechanotransducers. However,
mechanotransduction mechanisms mediated by FAs alone have been unable to provide a
complete picture.
From the discussion in the last section of this chapter, it is clear that besides generat-
ing forces, actin cytoskeleton could also potentially act as an ECM stifness sensor, which
could complement FA-mediated mechanotransduction. It is a large-scale structure, acting
at subcellular and cellular length scales, that mechanically links diferent parts of the cell
to each other and to the ECM. Also, it is the primary force generator in cells, and cells’ use
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of forces is critical for probing ECM stifness. Thus, it is fair to conclude that it could act
as a mechanotransducer by converting the mechanical signal from ECM into biochemical
signals either directly or indirectly. It can convert the signals directly by modulating the
binding activity of its molecular components, and indirectly by inluencing their conversion
at cell and nuclear membrane by regulating the transmission of the mechanical signals to
the small-scale mechanotransducers (FAs and LINC complexes) located there. It can regulate
the force transmission by adapting its contractility, organization, and dynamics to the ECM
stifness, hence playing an important role.
Although the role of actin cytoskeleton in mechanotransduction is becoming increasingly
clear, several questions are yet to be answered:
· Can actin cytoskeleton sense ECM stifness by adapting its organization? As discussed
in Sec. 1.4.2, actin cytoskeleton has been observed to adapt its organization to ECM
stifness. Particularly, stress ibers in cells get increasingly aligned as ECM stifness
increases [67, 69]. However, how the stress ibers can align in direct response to ECM
stifness is not fully understood. Trichet et al. [69] proposed that there could be a direct
coupling between the stress iber alignment and the contractile forces generated by
stress ibers, which could explain the ECM stifness dependent change in traction forces.
Potentially, this coupling may also explain the alignment of actin ilaments, and needs
to be further explored.
· Does the rheology of actin cytoskeleton change in response to ECM stifness? As discussed
in Sec. 1.4.2, actin cytoskeleton can adapt its elasticity to match that of the ECM stifness
[233]. Also, experiments done with both in vitro actin ilament networks and cells,
have suggested that actin cytoskeleton can adapt its viscosity as well, transitioning
between luid-like and solid-like rheology [244, 246]. This adaptative transition of actin
cytoskeleton rheology would be critical for transmission of intracellular forces which
play an important role in mechanotransduction.
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· How does cell polarity change with ECM stifness? The front-rear polarity of migrating
cells has been observed to depend on substrate stifness [14], as well as on cell shape
[248]. Since cell shape and ECM stifness are also correlated (cell shapes get increasingly
elongated with increasing ECM stifness [162, 60]), it is not clear which of the two
drives cell polarity.
· How can signals from FAs be integrated into a coherent response? FAs are autonomous
mechanotransducers that can transduce forces at the molecular scale. Since individual
FAs are not directly coupled to each other, it is not clear how biochemical signals
transduced at diferent FAs can integrate and lead to a coherent response from the cell.
Perhaps, actin cytoskeleton could be playing a role in coupling diferent FAs since it is
mechanically linked to them across the cell.
1.6 Thesis Aims and Outline
In this thesis, I will present our work that attempts to address some of the questions listed
above and provides new insight into the role of actin cytoskeleton in mechanotransduction.
We hypothesized that actin cytoskeleton can itself act as a sensor of ECM stifness by adapting
its organization and rheology in response to ECM stifness. Also, we postulated that ECM
geometry may play a role in the determination of actin cytoskeleton organization and cellular
traction forces. In order to study the role of actin cytoskeleton in mechanotransduction, we
aimed to:
· Identify the efect of ECM stifness on actin cytoskeleton rheology and organization,
and measure cellular responses in terms of traction forces.
· Develop a theoretical model to understand how actin cytoskeleton organizes in response
to ECM stifness, by adapting the work of Trichet et al. [69].
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· Understand the relative roles of ECM stifness and geometry in determining actin
cytoskeleton organization and cell polarity.
In chapter 2 of this thesis, I will present the experimental techniques and results we used
to study how actin cytoskeleton adapts to micropillar substrate stifness. In chapter 3, I will
present the theoretical model we developed that provides a mechanism by which actin cy-
toskeleton may adapt to substrate stifness. In chapter 4, I will present our experimental results
that show how both ECM stifness and geometry can afect actin cytoskeleton organization.
Finally, I will discuss our conclusions and provide a perspective for future study.
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Chapter 2
Actin cytoskeleton adapts to ECM
stifness 1
In this chapter, I will present the experimental evidence we gathered to support the idea that
actin cytoskeleton can act as a mechanotransducer that senses ECM stifness. First, I will
describe the methods we used to study actin cytoskeleton and its role in mechanotransduction.
Following that I will present the experimental results and discuss them in the context of
mechanotransduction.
1Some of the results presented in this chapter were irst published in Gupta, M. et al. Adaptive rheology and
ordering of cell cytoskeleton govern matrix rigidity sensing. Nat. Commun. 6:7525 (2015).
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2.1 Introduction
Actin cytoskeleton is being increasingly recognized as a critical player in mechanotransduc-
tion, particularly in sensing ECM stifness. In the last chapter, I had reviewed the evidence
supporting the idea that actin cytoskeleton can act as a large-scale mechanotransducer Ð it
may sense the ECM stifness at the cellular level and perhaps also coordinate the activity
of small-scale mechanotransducers like FAs at the cellular level. Cells probe the ECM by
applying forces on it, and although it is well established that actin cytoskeleton is critical
for generating cellular forces, its role in sensing ECM stifness is still far from clear. The
studies discussed in the last chapter suggest that in order to understand the role of actin
cytoskeleton in ECM stifness sensing, it is important to irst understand how its structure,
dynamics, and mechanics adapt to the ECM stifness. Thus, we conducted several experiments,
using micropillar substrates, to have a better understanding of how the structure, dynamics,
and mechanics of the actin cytoskeleton change with substrate stifness. The micropillar
substrates also allowed us to measure cellular traction forces in response to substrate stifness.
In this chapter, I will present the results obtained from these experiments, which we2 then
used to develop a theoretical model of actin-mediated large-scale mechanotransduction that
provided new insights into mechanisms of mechanotransduction. I will present the model in
the following chapter.
2.2 Methods
In this section, I will describe the methods we used for conducting experiments and analyze
the obtained data. We used micropillar substrates to mimic ECM of diferent stifness, and
I will describe their preparation, characterization, and use for measuring traction forces. I
will also describe the methods we used for culturing cells and staining of cellular proteins,




followed by a description of the technique we used to measure cell rheology. Lastly, I will
describe the image analysis techniques we used to quantify the experimental data.
2.2.1 Micropillar substrates
Micropillar substrates are arrays of densely packed vertical columns, called micropillars. They
are highly versatile tools for studying mechanotransduction because their stifness can be
precisely controlled, and they can be used to measure cell traction forces (see Sec. 1.2.2 on
page 12 and Sec. 1.2.3 on page 17). They are especially well-suited for studying large-scale
mechanisms of mechanotransduction because their stifness can be independently controlled
at a very local scale and at a larger scale (see Sec. 1.2.2 on page 12). Thus, we used these
substrates for studying cellular responses to ECM stifness. Here, I will describe the methods
we used to prepare and characterize these substrates and to measure cell traction forces.
Preparation
We fabricated the micropillar substrates using the elastomer polydimethyldiloxane (PDMS,
Sylgard®184 Silicone Elastomer Kit, Dow Corning), which was cast using patterned silicon
wafers as molds (Fig. 2.1 on the next page). We cast the uncured PDMS (with a base-polymer-
to-cross-linker ratio of 10:1) by pouring it on the silicon wafers and then baked them at 80 ◦C
for 2 hours to cure the PDMS. The cured PDMS had a Young’s modulus of ~2 MPa. After
de-casting the PDMS micropillar substrates from the silicon wafers, we used micro-contact
printing to selectively deposit ECM protein ibronectin (conjugated with luorescent far-red
dye ATTO647N) on micropillar tops, in order to promote cell adhesion. In order to prevent
cell adhesion and migration in between micropillars, we coated the micropillar sides with the
Pluronic®F-127 solution that prevents cell adhesion. We then used the prepared substrates
for cell culture. See Appendix A and Gupta et al. [104] for the detailed protocol.
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Figure 2.1 | Schematic showing micropillar substrate preparation. Micropillar substrates
were cast from silicon wafers using PDMS. Their tops were functionalized with ECM protein fi-
bronectin (FN) conjugated to a fluorescent dye. Their sides were made non-adherent by treating with
Pluronic®solution.
We used micropillars with diameter 2 µm, heights ranging from 3 µm to 9 µm, and orga-
nized in regular hexagonal arrays with a center-to-center separation of 4 µm (see Appendix A
for a complete list of dimensions).
Characterization
We characterized the stifness of micropillar substrates once for each silicon wafer, which
could then be used repeatedly to prepare substrates of the same dimensions and stifness.
The stifness of any deformable structure depends on its geometry, its material properties,
and coniguration of the forces that deform it. Since we coated only the micropillar tops
with ibronectin, cells adhere and apply forces on their top surface, with the forces being in
a direction parallel to the surface. In this force coniguration, and due to the elastic nature
of PDMS, each micropillar efectively behaves as a linear elastic spring. Hence, micropillar
stifness can be denoted by a spring constant k, which depends on micropillar geometry and
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PDMS rigidity. Conventionally, the spring constant k of micropillars has been calculated








where, E is Young’s modulus of PDMS, r is the radius, and h is the height of the micropillar.
This expression is obtained from Euler-Bernoulli beam theory (EB Theory) [149, p. 75] after
assuming that the micropillars are undergoing pure bending and that there are no shear
stresses. However, these assumptions are true only for micropillars with high aspect ratio
(height to diameter ratio). Also, Eq. 2.1 for micropillar stifness is based on the assumption
that micropillar bases are rigid and do not deform. But, in reality, the PDMS base is deformable
and can warp due to forces on micropillars [249]. Thus, we used inite element method (FEM),
which overcomes these limitations of EB theory, to calculate micropillar stifness.
FEM is a numerical technique for inding approximate solutions to boundary value prob-
lems or partial diferential equations. Micropillar deformation under forces is a boundary
value problem which can be solved fairly accurately using FEM without making any broad
assumptions. Thus, FEM provides a much better approximation of micropillar deformations
than EB theory. We used the commercially available FEM software package called Abaqus
(Dassault Systems) to calculate the stifness of micropillars of given dimensions (see Ap-
pendix A for details). We obtained the dimensions from scanning electron microscope (SEM)
images of micropillars (JEOL JSM 6010LV SEM; Fig. 2.2 on the following page). The stifness
values we obtained using FEM were up to 40% lower compared to those obtained using Eq. 2.1
based on EB theory (Fig. 2.2c), as also shown earlier by Schoen et al. [249]. We obtained
stifness values ranging from 9 nNµm−1 to 85 nNµm−1 for the micropillar substrates we
fabricated (see Appendix A for the complete list). In order to compare micropillar stifness
with PAA gel stifness (measured in kPa), 1 nNµm−1 can be approximated as 0.7 kPa (for
force applied on micron-scale FAs, following Ghibaudo et al. [123]); this provided us with an
equivalent stifness range of 6 kPa to 60 kPa.
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a b c
Force
Figure 2.2 | Characterization of micropillar stifness. (a) Scanning electron microscope images
of micropillar substrates, with a defect in the middle. Scale bar, 5 µm. (b) Graphic representation of
the FEM model. Colors indicate vonMises stresses. (c) Comparison of micropillar stifnesses obtained
using EB theory and FEM. (b,c) were first published in Gupta et al. [104].
2.2.2 Cell culture and staining
We used rat embryonic ibroblast cells (REF52), stably expressing YFP-Paxillin, for most
experiments. We maintained them at 37 ◦C in a humidiied atmosphere of 5% CO2 and 95% air
in Dulbecco’s modiied Eagle medium (DMEM) containing 10% fetal bovine serum, 100 U/ml
penicillin, 100 mgml−1 streptomycin and 100 mgml−1 glutamine. For live-cell imaging, we
transfected the cells using electroporation (Nucleofactor, Lonza). We used tdTomato-Ftractin
[250] to label actin ilaments, and GFP-α-actinin to label α-actinin.
For antibody staining, we ixed the cells 3-4 hrs after seeding with 4% formaldehyde
(PFA) in PBS for 10 mins, permeabilized them with 0.1% Triton-X for 5 mins, and blocked
with 1% bovine serum albumin (BSA) for 1 h. We used 10 µgml−1 Phalloidin-TRITC (Sigma-
Aldrich) for 40 min to stain ilamentous actin. We used mouse anti-α-tubulin (Sigma-Aldrich,
t9026), rabbit anti-myosin IIA (Eurogentec), rabbit anti-myosin IIB (Eurogentec), and rabbit
anti-myosin light chain (phospho S20) (Abcam, ab2480) antibodies.
2.2.3 Fluorescence Microscopy
We developed a setup for high-resolution imaging of live cells adhered tomicropillar substrates.
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Figure 2.3 | Schematic showing the imaging setup. (a) Micropillar substrates were imaged in
an upside-down configuration to enable high-resolution imaging of live cells. Inset shows a single
micropillar undergoing deformation. (b) Typical epi-fluorescent image of a live REF52 cell. Cells express
YFP-Paxillin and RFP-Ftractin, which label focal adhesions and actin filaments (green), respectively.
Underlying micropillar substrate (43 nNµm−1) is coated with fluorescent fibronectin (magenta) and
corresponding traction force vectors are shown (yellow). Scale bars, 50 nN and 20 µm respectively. (c)
Image showing actin (green) and paxillin (blue) for the inset in (b). Scale bar, 10 µm. First published in
Gupta et al. [251].
bymicropillar substrate optical properties. Due to a diferent refractive index from surrounding
media and their micron-scale size , micropillars difract the light passing through them and
hence distort the signal coming from the cells. Also, micropillar substrate bases are thicker
than theworking distance of high numerical aperture (NA) objectives, thus preventing imaging
of micropillar tops with inverted microscopes.
To prevent the light from passing through the micropillars and enable the use of high
NA objectives, we developed a way to image the substrates in an upside-down coniguration
(Fig. 2.3). First, we mounted the micropillar substrate on a 30 mm glass coverslip, and then
inverted it on top of another 30 mm glass coverslip that was placed inside a holder (Bioptechs
Inc., USA). We prevented the substrates from touching the bottom coverslip by placing
thin (~250 µm) silicone membrane strips (Specialty Manufacturing Inc., USA) on the sides of
micropillars. Thus, the substrates, with cells seeded on them, were sandwiched between the
two coverslips (see Appendix B for detailed method). This enabled imaging of cells with high
NA objectives and without light distortion due to passage through the micropillars. I would
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like to point out that in this upside-down coniguration, there would be negligible efect of
gravity on the cells Ð the gravitational force on a cell is at least four orders of magnitude lower
than the force exerted by cells to adhere on the substrate3. Also, we did not see any signiicant
diference in cell traction forces, actin organization and dynamics using this coniguration
when compared with the upright coniguration.
We used an Olympus IX81 inverted epi-luorescence microscope to image intracellular
proteins and luorescently-labeled micropillar tops. The microscope was equipped with a
UPLSAPO 60x W/1.2 NA objective (Olympus), a CoolSNAP EZ CCD camera (Photometrics),
an X-Cite® 120Q luorescence lamp (Excelitas Technologies), and a temperature and CO2
controller (Life Imaging Sciences). We imaged the cells at 37 ◦C for either 2 h, every 2 min, or
for 30 min, every 10 s. We used the images of micropillar tops to calculate cellular traction
forces (described in Sec. 2.2.5 on the facing page). Also, we used a Nikon BioStation IMQ 3
epi-luorescence microscope to image cell migration over longer times. We imaged cells every
10 min for 12-24 hours.
2.2.4 Atomic Force Microscopy
We used an Atomic Force Microscope (AFM) to probe the rheology of REF52 cells adhered
to micropillars of diferent stifness 4. We calculated the luidity of the cells from creep
indentation measurements on live cells adhered to micropillar substrates (Fig. 2.11 on page 75).
We used a NanoWizard AFM (JPK Instruments, Germany) with a silicon nitride cantilever
(nominal spring constant of 30 nNmm−1) having a spherical silica bead of diameter 4.5 µm
attached at its tip. We maintained a step load of 1 nN for 10 s at a minimum of eight points
per cell, and measured the change in the z-sensor signal to obtain creep curves. We itted the
obtained creep curves with the standard linear solid model to obtain the luidity (1/η1 ) of
3gravitational force on a cell is on the order of 0.1 nN[252], while the total traction forces are on the order
of µN (Fig. 2.13a)
4in collaboration with Yasaman Nematbakhsh, MechanoBioEngineering Lab, Department of Biomedical
Engineering, National University of Singapore, Singapore.
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where, ε is the strain in the cell, and σ0 is the constant loading stress, and E1, E2, η1 and η2
are the model parameters for elasticity and viscosity (Fig. 2.11 b). I will discuss the results in
Sec. 2.3.4 on page 74.
2.2.5 Image Analysis
Calculation of micropillar delections
We used a custom-built5 ImageJ plugin to measure the delection of micropillars from luores-
cence microscope images. We used luorescence images of micropillars tops (labeled with
luorescent ibronectin; see Sec. 2.2.1 on page 57) only from live cells to calculate traction
forces. We believe that the pillar delections would be lower for ixed cells compared to live
cells because the highly cross-linked actin cytoskeleton in the ixed cells would not be able
to resist micropillar forces that were produced in live cells. The cross-linking of the actin
cytoskeleton by the ixative formaldehyde could perhaps make the cytoskeleton more brittle,
and hence more prone to getting ruptured under micropillar forces. Indeed, we observed
ruptured or cracked actin ilaments after ixation at 37 ◦C for more than 15 mins, along with
lower micropillar delections (see Appendix B).
The ImageJ plugin detects micropillar centroids by cross-correlating a circular shape model
of the tops (convoluted with a gaussian) with the luorescent images of micropillar tops. This
results in sub-pixel coordinates for the micropillars, with an accuracy of a few nm. The plugin
then tracks micropillar coordinates over time. Undelected positions of micropillars are needed
to calculate their delections. The plugin uses a map of the undeformed substrate (arrays of
5developed in collaboration with Dr. Felix Margadant, Mechanobiology Institute, Singapore.
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pillars organized in a hexagonal pattern, with a spacing of 4 µm) as a reference, and iteratively
obtains the best it with the detected micropillar centroids. Thus, it gets an estimate of the
undelected micropillar positions, which are then used to calculate delections by comparing
with detected micropillar centroids. The obtained delection map for the micropillar substrate
can then be used to calculate the traction force map by scaling with micropillar stifness.
Calculation of actin ilament orientation
We developed an ImageJ plugin to measure the angles of actin ilaments from the luorescent
microscope images. The plugin calculates a structure tensor of the image, which basically
contains information about intensity gradients in the image [253] (see Appendix C). The
eigenvector of the structure tensor gives the primary direction of intensity gradient, and hence
the ilament orientation, at each pixel. We represented the spatial distribution of ilament
orientations graphically as orientation color maps, where a color corresponded to an angle
varying from 0° to 180°.
We analyzed all data using NumPy and SciPy packages of Python programming language,
and plotted them using the Python package matplotlib.
2.3 Results and Discussion
In order to understand how cells sense ECM stifness, we conducted experiments with REF52
cells on micropillar substrates using the methods described above. We observed the efect
of micropillar substrate stifness on cell morphology, on actin cytoskeleton organization,
dynamics, and rheology, on microtubule organization, on cellular traction forces, and on cell
migration. In order to interpret the obtained results, we classiied the micropillar stifness
into soft (9 nNµm−1 ≈ 6 kPa) and stif (> 30 nNµm−1 ≈ 20 kPa) based on the stifness of
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Figure 2.4 | Cell area and shape change with substrate stifness. (a) Cell area as a function of
substrate stifness; each boxplot corresponds to at least 20 cells. (b) Cell aspect ratio as a function of
substrate stifness; each boxplot corresponds to at least 30 cells. represent the mean values. Box ends
represent the first and third quartiles of the data, and whisker ends represent the last data within 1.5
IQR. P-values were calculated using Mann-Whitney U test. ∗∗, P < 0.01; ∗∗∗, P < 0.0001. 1 nNµm−1
≈ 0.7 kPa.
ibroblast cells, which was shown to be ~10 kPa at most [233]. I will discuss the results of the
experiments in the following sections.
2.3.1 Cell morphology changes with ECM stifness
We found that the area of the cells and their aspect ratio changed with substrate stifness
(Fig. 2.4). On the softest substrate (9 nNµm−1), the cells were ~25 % smaller than those on
the stif substrates (43, 64 and 85 nNµm−1), on which the cells had similar areas (Fig. 2.4 a).
Also, the aspect ratio of the cells, a measure of cell shape, increased with substrate stifness
(Fig. 2.4 b). The increasing aspect ratio complemented our observation of the cells being more
circular on the softest substrate (9 nNµm−1) and increasingly elongated on the stif substrates
(Fig. 2.5 a-d). Our observation of substrate stifness-dependent increase in area and aspect
ratio for ibroblast cells supports previous results [162, 60].
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2.3.2 Organization of actin cytoskeleton adapts to ECM stifness
Organization of actin ilaments and focal adhesions
In order to understand the efect of substrate stifness on actin organization, we labeled
actin ilaments in REF52 cells adhered to micropillar substrates of stifnesses 9, 43, 64 and
85 nNµm−1 (Fig. 2.5 on the next page). We found that on the softest substrate (9 nNµm−1),
a signiicant population of cells had a non-polarized circular shape, with no actin stress
ibers, and an orthoradial organization of actin ilaments (Fig. 2.5 a) Ð the cell nucleus was
surrounded by a thick band of circular actin ilament cables, and radially organized ilaments
were anchored at FAs. Henceforth, I will refer to the circular ilaments as tangential ilaments
(TFs), and the radially organized ilaments as radial ilaments (RFs), following Tee et al. [188].
TFs correspond to transverse arcs and RFs correspond to dorsal ibers as described in Sec. 1.1.1
on page 7. Although there were a few cells that had non-circular shapes, their actin ilaments
were not bundled into thick stress ibers, and the cytoskeleton was mostly isotropic. In
contrast, on the stifest substrates (85 nNµm−1), the actin ilaments were bundled into thick
stress ibers that were aligned in the same direction for most of the cells (Fig. 2.5 d). These
cells had an elongated shape with a high aspect ratio. For the intermediate stifnesses (43 and
64 nNµm−1), the actin ilaments bundled into stress ibers as well, but they were not aligned
in the same direction as observed on the stifest substrate (Fig. 2.5 b,c). Interestingly, the
stress ibers in cells on these intermediate stifness substrates were organized in subcellular
clusters or microdomains, and stress ibers within a microdomain were all aligned in the same
direction. Thus, although the actin cytoskeleton was not completely ordered here as in the
case of the stifest substrates (with all stress ibers aligned in the same direction), there were
locally ordered domains with no order at the global or the cellular scale.
We analyzed the actin cytoskeleton images to measure the angles of actin ilaments
(see Sec. 2.2.5 on page 64) and represented them as colored orientation plots (Fig. 2.5 e-h).
Each color represents an angle between 0° to 180°, as indicated in the accompanying color
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Figure 2.5 | Actin cytoskeleton and focal adhesion organization change with substrate stif-
ness. (a-d) REF52 cells with fluorescently labeled actin filaments (F-actin) on sot ( 9 nNµm−1 - (a))
and stif ( 43 - (b), 64 - (c), 85 - (d) nNµm−1) micropillar substrates. (e-h) F-actin orientation plots,
where diferent colors indicate diferent orientations, as per the given color-map. The uniformly
colored zones indicate actin stress fiber microdomains. (i) Live-cell image of a REF52 cell transfected
with RFP-Ftractin (green) and YFP-Paxillin (magenta), on the sot substrate (9 nNµm−1). (j) Focal
adhesion (FA) area on diferent substrate stifnesses, k. Each boxplot corresponds to at least 500 FAs
from 5 cells. represent the mean areas. Box ends represent the first and third quartiles of the data,
and whisker ends represent the last data within 1.5 IQR. (k) Area of actin microdomains relative to
cell area, Ar, changes with substrate stifness, k. Each data point represents 25-30 cells and error bars
represent standard deviation from the mean. P-values were calculated using Mann-Whitney U test.
∗, P < 0.05 ; ∗∗, P < 0.01; ∗∗∗, P < 0.0001. Scale bars, 20 µm. 1 nNµm−1 ≈ 0.7 kPa. First published
in Gupta et al. [251].
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Figure 2.6 | FA localization onmicropillars. (a)
A REF52 cell, stably expressing YFP-paxillin (green),
on stif micropillar substrate (58 nNµm−1) coated
with fluorescent fibronection (magenta). Scale bar,
10 µm. (b) The inset in (a). Scale bar, 2 µm. (c-e)
The inset in (b). (c) is fibronection on micropillar
top and (d) is paxillin. Scale bars, 1 µm
a b
c d e
map, and gives the orientation of actin ilaments at the corresponding spatial point. Thus,
each uniformly colored region indicates a microdomain of uniformly aligned actin stress
ibers. The orientation plots clearly showed that there were no microdomains for cells on the
softest substrates (9 nNµm−1; Fig. 2.5 e), several microdomains per cell on intermediately stif
substrates (43 and 64 nNµm−1; Fig. 2.5 f,g), and a single uniform domain covering the entire
cell on the stifest substrates (85 nNµm−1; Fig. 2.5 h). Also, the size of the microdomains,
relative to the cell size, increased with substrate stifness (Fig. 2.5 k). This increase in size
of microdomains with a change in an external factor (substrate stifness) is reminiscent of
phase transitions in physical systems (see Chaikin and Lubensky [254], pp. 4 and 169). I will
address this similarity in Chapter 3.
Also, we measured FA area for substrates of diferent stifnesses (see Appendix C), and
found that it increased with substrate stifness (Fig. 2.5 j). The FAs were labeled with YFP-
Paxillin to visualize them. On the softest substrate (9 nNµm−1), most of the FAs were localized
close to the cell edge, and were small (< 1 µm2 on average) compared to those on the stif
substrates (Fig. 2.5 i and j). The smaller area of FAs, along with higher unbinding rates for
integrins on soft substrates [62], suggests that cells experience less friction on soft substrates
compared to that on stif substrates.
Interestingly, the FAs were not completely localized on micropillar tops (Fig. 2.6). A
signiicant portion of the FAs was not co-localized with ibronectin on micropillar tops and
was instead ‘hanging’ in the space between micropillars (Fig. 2.6 b-e), implying that the FAs
are attached to the substrate at their distal ends. This implies that the traction forces are
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Figure 2.7 | α-actinin organization on sot and stif substrates. REF52 cells transfected with
GFP-α-actinin and tdTomato-tractin to label F-actin and α-actinin on sot micropillar substrate (
9 nNµm−1, (a-c)) and on stif micropillar substrate ( 43 nNµm−1, (d-f)). (g) and (h) are the insets in
(c) and (f) respectively. The images are representative of 5 and 15 cells for 9 nNµm−1 and 43 nNµm−1
substrates respectively. Scale bars, (a-f) 10 µm, (g) and (h) 2 µm.
concentrated at the attached part of FAs, which should thus experience larger stresses when
compared to the ‘hanging’ part. Using FRET-based tension sensors, it was indeed found that
vinculin molecules experience larger forces at the attached part compared to the hanging
part (Sarangi et al. 6, unpublished). The inhomogeneous stress distribution in FAs could have
implications for mechanotransduction in 3D ibrillar environments, where FAs might not
have a lat substrate to adhere along their complete length [255, 256].
Organization of α-actinin and myosin II
To observe the spatial distribution of the actin ilament crosslinker α-actinin, we transfected
the REF52 cells with GFP-α-actinin. We found that α-actinin is present in striated bands
6Sarangi B.R., Gupta M., Tissot N., Lam F., Mège RM, Borghi N., and Ladoux B. A close relationship between
internal and external forces of adherent cells. (2016) [manuscript in preparation]
69
Actin cytoskeleton adapts to ECM stifness
on both soft (9 nNµm−1) and stif (43 nNµm−1) substrates (Fig. 2.7 on the previous page).
However, on the soft substrates, these striated bands were present only on the TFs, and not
on the RFs (Fig. 2.7 g). On the stif substrates, the striated bands of α-actinin were present in
all the ventral stress ibers (Fig. 2.7 h).
We used immunostaining to observe the organization of myosin II isoforms (IIA and IIB)
(Fig. 2.8 on the facing page). Myosin IIA was organized in striated bands along stress ibers
on the stif substrate (85 nNµm−1) and had no particular organization on the soft substrate
(9 nNµm−1) (Fig. 2.8 a-f). On the soft substrate, it was localized mostly in the peri-nuclear
region and on the thick band of TFs. Myosin IIB did not show any striated patterns on both soft
and stif substrates, and was disorganized (Fig. 2.8 i-p). Asymmetric distribution of myosin IIB
on stif substrates has been shown to be important for durotaxis (migration of cells to stifer
substrates) [15]. However, our data did not conclusively show an asymmetric distribution on
the stif 85 nNµm−1 substrate. It could be that myosin IIB is distributed asymmetrically only
in migrating cells and the cells on the very stif 85 nNµm−1 might be mostly stationary (see
Sec. 2.3.6 on page 81).
The distribution of the activated form of myosin II (phosohorylated myosin light chain,
or pMLC) also depended on substrate stifness (Fig. 2.9 on page 72). On the soft substrates
(9 nNµm−1), pMLC seemed to be mostly localized on the TFs, and the low luorescence signal
indicated very low activity. However, we did not have suicient data on the soft substrate to
be sure of this observation. On the stif substrates (85 nNµm−1), pMLC was localized mostly
at the ends of the stress ibers. This observation supports the previous observations on glass
coverslips [257]. The localization of pMLC at stress iber ends suggests diferent level of
strains at the middle and ends of stress ibers.
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Figure 2.8 | Myosin IIA and IIB organization changewith substrate stifness. (a-h) REF52 cells
immunostained to label F-actin and myosin IIA on sot micropillar substrate ( 9 nNµm−1, (a-c)) and
on stif micropillar substrate ( 85 nNµm−1, (d-f)). The images are representative of 8 and 38 cells for
9 nNµm−1 and 85 nNµm−1 substrates respectively. (i-n) REF52 cells immunostained to label F-actin
and myosin IIB on sot micropillar substrate ( 9 nNµm−1, (i-k)) and on stif micropillar substrate
(85 nNµm−1, (l-n)). The images are representative of 20 and 32 cells for 9 nNµm−1 and 85 nNµm−1
substrates respectively. (g), (h), (o) and (p) are the insets in (c), (f), (k) and (n) respectively. Scale bars,
(a-f and i-n) 10 µm, (g, h, o and p) 2 µm.
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Figure 2.9 | Phospho-Myosin Light Chain (pMLC) organization changes with substrate stif-
ness. REF52 cells immunostained to label F-actin and pMLC on sot micropillar substrate ( 9 nNµm−1,
(a-c)) and on stif micropillar substrate ( 85 nNµm−1, (d-f)). (g) and (h) are the insets in (c) and (f)
respectively. The images are representative of 4 and 53 cells for 9 nNµm−1 and 85 nNµm−1 substrates
respectively. Scale bars, (a-f) 10 µm, (g) and (h) 2 µm.
2.3.3 Dynamics of actin cytoskeleton adapts to ECM stifness
We observed the dynamics and remodeling of the actin cytoskeleton by using the experimental
setup we had developed to image live cells on micropillar substrates (Fig. 2.10 on the next
page). For the circular cells on soft substrates (9 nNµm−1), we observed a radial low of actin
ilaments, originating at the cell edge and terminating in the center of the cell. The cell
shape and the radial low were stable during our observation times (at least 2 h). In contrast,
on stif substrates (85 nNµm−1), we observed prominent stress ibers that were stabilized
shortly after they were formed. This was the case for all substrates with stifness greater
than 9 nNµm−1. To quantify the spatio-temporal evolution of actin ilaments within the cells,
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Figure 2.10 | Dynamics of actin cytoskeleton changes with substrate stifness. (a and b)
Live-cell images of REF-52 cell transfected with tdTomato-Ftractin to label actin filaments, on sot
(9 nNµm−1) and stif (85 nNµm−1) substrates respectively. Scale bars, 20 µm. (c) Kymographs along
lines AA′ and BB′ in (a) and (b) respectively. The kymographs show the presence of a centripetal flow
of actin filaments on the sot substrate. (d) Radial velocity of actin filaments (1/tanβ as a function
of normalized radial distance from nuclear edge, where β is the angle as indicated in (c). The six
diferent colored curves indicate diferent cells. The cells were imaged every 10 s for 25 mins. (a-c)
first published in Gupta et al. [251].
we plotted kymographs of actin intensity. These kymographs clearly showed a centripetal
low directed from the cell edge towards the cell center on the soft substrate, and almost no
low on stif substrates for observations times > 15 min (Fig. 2.10 c). On the soft substrates,
the velocity of the low at the cell edge was ~3.5 µm/min and decreased to zero close to cell
center (Fig. 2.10 d). The low velocity at the cell edge was comparable to the previous reports
for the velocity of actin retrograde low at the cell edge [258]. Although the actin ilaments
that were formed on the stif substrate lowed after formation, their low was soon arrested in
a few minutes. Thus, it seems that stable actin structures are promoted on stif substrates,
compared to those on soft substrates over a similar time scale of 30 min.
These observations can be explained by substrate stifness-dependent interaction between
actin ilaments and FAs. Actin ilaments low rearwards due to protrusions at the cell edge, and
myosin contractility. On soft substrates, due to the high unbinding rates of FA proteins [62],
the rearward lowing actin ilaments cannot engage with FAs. This prevents actin ilaments to
transmit contractile forces to the substrate via FAs, preventing FA growth and actin ilament
stabilization. However, on stif substrates, the actomyosin forces can be transmitted to the
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substrate efectively. Thus, cells experience low substrate friction on soft substrates which
promotes the persistent low of actin ilaments from the cell edge to the cell center.
The persistent centripetal low of actin ilaments from cell edge to cell center on soft
substrates, and its diminished presence on stif substrates, can be interpreted as actin cy-
toskeleton behaving like a luid-like material on soft substrates and solid-like material on stif
substrates.
2.3.4 Rheology of actin cytoskeleton adapts to ECM stifness
In order to test the idea that actin cytoskeleton could show a luid-like behavior on soft
substrates, and a solid-like behavior on stif substrates, we measured cell luidity using an
atomic force microscope (AFM) (see Sec. 2.2.4 on page 62 and Fig. 2.11 on the next page). We
found that the cells on soft substrates (9 nNµm−1) have higher luidity compared to those on
stif substrates (85 nNµm−1) (Fig. 2.11 d). In our knowledge, there are no previous reports
on the adaptation of cell luidity or viscoelasticity to substrate stifness, although there have
been previous reports of cells adapting their elasticity to substrate stifness [163, 233]. This
change in the rheology of the actin cytoskeleton could be important for the exertion of
traction forces on the ECM. In case of a highly luid cytoskeleton, the myosin-generated
intracellular forces might not be transmitted to the substrate efectively because they would
get dissipated due to the sliding of actin ilaments. However, the sliding of actin ilaments
would be much lower in a solid-like or elastic cytoskeleton and hence the intracellular forces
could be transmitted to the substrate efectively. Thus, the adaptation of cellular rheology
could most likely be a mechanism to sense ECM stifness. The ECM stifness-dependent
adaptation of actin cytoskeleton rheology may be driven by the modulation of either the
density or the binding activity of actin ilament crosslinkers, such as α-actinin and ilamin
[245] (see Sec. 1.4.2 on page 47).
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Figure 2.11 | Cell fluidity changes with substrate stifness. (a) An AFM tip with a spherical
bead was used to probe cell viscoelasticity on micropillar substrates. Live cells were indented with a
constant force of 2 nN, held constant for 10 s, and the resulting creep response was measured. (b)
Schematic of Standard Linear Solid (SLS) model of viscoelasticity (eq. 2.2) used for fiting the obtained
creep test data. (c) Typical examples of experimental data (dashed black lines), and fited curves
(colored solid lines). (d) The fluidity of cells on sot (9 nNµm−1) and stif (85 nNµm−1) substrates.
represent the mean fluidity. Box ends represent the first and third quartiles of the data, and whisker
ends represent the last data within 1.5 IQR. Data was obtained from 10 cells each, with each cell
probed at 8 points at least. p = 0.007, from Mann-Whitney U test. E1 was on the scale of GPa for both
sot and stif substrates, while E2 increased from 4.02 ± 2.92 kPa on the sot substrate to 6.10 ± 2.92
kPa on the stif substrate. 1 nNµm−1 ≈ 0.7 kPa. First published in Gupta et al. [251].
I would like to point out that we might have probed the rheology of only the cell cortex
and not of the bulk actin cytoskeleton. Using the AFM tip, we probed the cells up to depths of
~2 µm from the cell membrane. This depth was maintained so as not to induce a large-scale
reorganization of the actin cytoskeleton. It could be that this depth is not large enough
to probe the rheology of the bulk cytoskeleton and the actin cortex rheology might have
contributed signiicantly to our data. However, our use of spherical beads of diameter 4.5 µm
could have decreased the contribution of cell cortex to our measurements [259].
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2.3.5 Cellular traction forces change with ECM stifness
In order to quantify the response of cells to substrate stifness, we measured the traction
forces exerted by live cells adhered to substrates of stifnesses 9, 43, 58, 64 and 85 nNµm−1
by imaging them for 2 h, every 2 mins.
We found that the spatial distribution of traction force vectors depends on substrate
stifness Ð on soft substrates, all the forces were pointing radially inwards for circular cells,
while on the stif substrates they were aligned along the stress iber directions (Fig. 2.12
a and b). The radially inward pointing forces may be coupled to the persistent centripetal low
of actin ilaments. The temporal distribution of forces did not change much over time as the
cells migrated over the substrate (Fig. 2.12 f). The observation was made for cells migrating
over 2 h, and from 2 to 24 h after seeding them on the substrates. The forces decreased
dramatically after treating the cells with blebbistatin to inhibit myosin activity (Fig. 2.12 h-j).
Also, the rate of force application at a point on the substrate seemed to vary with its position
in respect to cell migration direction, with faster rates at cell retracting edge compared to the
leading edge (Fig. 2.12 g).
The total force (sum of force magnitudes) exerted by cells was in the range of µN, an
order of magnitude larger than those reported by Mitrossilis et al. [65] for the same cell-type
(Fig. 2.13 a). This diference could be because in our experiments the cells were adhered to
the substrate, with well-developed stress ibers, while in the case of Mitrossilis et al. [65] the
cells were suspended in between microplates and hence only cortical tension could be probed.
Also, the total forces were smaller for the softest stifness (9 nNµm−1) compared to stifer
substrates (43, 58 and 85 nNµm−1). Interestingly, the total force remained almost constant
for the stifer substrates (Fig. 2.13 a), while the average force for a cell increased with substrate
stifness (Fig. 2.13 b). This implies that for stif substrates (> 9 nNµm−1) as the stifness
increases, less number of micropillars should be bearing the same total force. This seems to
be the case since the force-generating stress ibers are organized in microdomains whose size
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Figure 2.12 | Spatial and temporal distribution of cellular traction forces. (a-e, h, i) REF52
cells, with actin labeled in green, on micropillar substrates (magenta) of stifness 9 nNµm−1 (a) and
43 nNµm−1 (b-e, h, i). Force vectors are shown in yellow. Scale bars, 10 µm, and 5 nN (a) and 20 nN
(b-e, h, i). (c-e) Images of a cell migrating towards let, taken at diferent time points over 2 h. In (d),
‘A’ indicates a pillar at the cell leading edge and ‘B’ indicates a pillar at the cell retracting edge. (f)
Traction force distribution with time for the cell in (c-e). (g) Temporal evolution of forces corresponding
to pillars indicated by the insets ‘A’ (green) and ‘B’ (blue) in (d). (i, j) Images of a REF52 cell, taken
before and ater adding 30 µM blebbistatin at t = 20 min. (j) Traction force distribution with time for
the cell in (h, i). (f, j), represent the mean values; box ends represent the first and third quartiles of
the data; whisker ends represent the last data within 1.5 IQR; + represent the outliers. 1 nNµm−1 ≈
0.7 kPa.
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Figure 2.13 | Measurements of traction forces exerted by live cells. (a) Distribution of the total
force applied by cells on the substrate. (b) Average force applied by a cell per pillar. (c) Average
micropillar displacement per cell. (d) Distribution of the maximal forces applied by a cell on a
micropillar. (e) Distribution of the maximum displacement of a micropillar. (f) Average elastic energy
stored in a micropillar per cell. Data for each substrate stifness obtained was from 8-15 live cells,
imaged for 2 h, every 2 min. (a,d,e), represent the mean values; box ends represent the first and third
quartiles of the data; whisker ends represent the last data within 1.5 IQR. (b,c,f), error bars indicate
standard deviation from the mean. 1 nNµm−1 ≈ 0.7 kPa.
increases with substrate stifness (Fig. 2.5 on page 67) Ð for intermediate stifnesses (43 and
58 nNµm−1), there are multiple microdomains of shorter stress ibers that can apply lower
forces on a high number of micropillars, while on the stif substrate (85 nNµm−1), there is a
single microdomain of long stress ibers that can apply larger forces on a smaller number of
micropillars at cell edges. The substrate stifness-dependent increase in the maximum forces
at micropillars, as also shown by Trichet et al. [69], supports this idea as well (Fig. 2.13 d).
We found that the maximum displacement of a micropillar decreased from ~647 nm for
the 9 nNµm−1 substrate to ~250 nm for the 85 nNµm−1 substrate (Fig. 2.13 e). This stifness-
dependent decrease in maximum displacement is contrary to the stifness-independent maxi-
mum displacement of ~60 nm found by Ghassemi et al. [121] and ~840 nm found by Trichet
et al. [69] for ibroblast cells. The diference could be due to the methodologies used Ð Trichet
78
2.3 Results and Discussion
a b c
d e f
Figure 2.14 | Measurements of traction force rates. (a-c) Distribution of the rate of increase
of micropillar displacement Ð complete distribution (a), distribution without the top 5th percentile
(b), and distribution with only the top 5th percentile (c). (d-f) Distribution of the rate of increase
of micropillar force Ð complete distribution (d), distribution without the top 5th percentile (e), and
distribution with only the top 5th percentile (f). Each distribution corresponds to at least 30,000 data
points obtained from at least 1500 pillars from 6-11 cells imaged every 2 min for 1-2 hours. represent
the mean values; box ends represent the first and third quartiles of the data; whisker ends represent
the last data within 1.5 IQR; + represent outliers beyond 1.5 IQR. 1 nNµm−1 ≈ 0.7 kPa.
et al. [69] had analyzed forces only at the cell edge, and Ghassemi et al. [121] had measured
forces for cells spreading on micropillars of diameter less than 1 µm. Also, we found that the
average displacement of a micropillar decreased from ~440 nm for the 9 nNµm−1 substrate
to 102 nm for the 85 nNµm−1 substrate. Interestingly, the average displacement was almost
constant for the stif substrates (58, 64 and 85 nNµm−1) at 103 ± 3 nm (Fig. 2.13 c). This
average displacement value is similar to the ~100 nm found by Ghibaudo et al. [123] for
ibroblast cells on substrates with stifness < 100 nNµm−1. Also, the elastic energy that is
stored per pillar (a measure of the work done by the cell) decreased with substrate stifness
(Fig. 2.13 f).
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Figure 2.15 | Autocorrelation functions of cellular traction forces. (a) Spatial autocorrelation
function of traction forces for diferent stifenesses. (b) Temporal autocorrelation function of traction
forces for diferent stifenesses. Error bars indicate standard deviations.
In order to understand the dynamics of force generation, we calculated the rate at which
the cells displaced the micropillars and exerted forces on them (see Appendix C). We calculated
the rates of both increasing and decreasing displacements and forces, and found them to be
similar. We found that the average rate at which the micropillar displacements increased
was higher for the softest substrate (9 nNµm−1) compared to the stif substrates (43, 58 and
85 nNµm−1) (Fig. 2.14 a and b). The soft micropillars were displaced by an average rate of
~28 nm/min while the stif substrates were displaced by the same average rate of ~10 nm/min
. Also, we calculated the maximum displacement rates by considering only the values above
the 95th percentile of the displacement rate distribution. We found that the maximum rate at
which the micropillars were displaced on the soft substrate (9 nNµm−1) was ~114 nm/min,
while that on the stif substrates (43, 58 and 85 nNµm−1) was ~41 nm/min (Fig. 2.14 c). In
contrast to the decreasing rate of displacement with increasing substrates stifness, we found
that the average rate at which the traction forces were exerted on micropillars increased with
substrate stifness (Fig. 2.14 d and e) Ð from ~0.25 nN/min for the 9 nNµm−1 substrate to
~0.81 nN/min for the 85 nNµm−1 substrate. The maximum rate at which the force increased
on a micropillar (considering the values above the 95th percentile) also increased with the
substrate stifness (Fig. 2.14 f) Ð from ~1 nN/min for the 9 nNµm−1 substrate to ~3.5 nN/min
for the 85 nNµm−1 substrate. The rate at which the cells apply forces on their substrates can
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have implications for durotaxis (preferential migration towards stif substrates). Since the
forces increase at a faster rate on the stif substrates, it is plausible that build-up of larger
traction forces on the stif substrates compared to that on a softer substrate in the same time
could polarize cells in the direction of stifer substrate.
Also, in order to ind if the correlation length and correlation time of force vectors change
with substrate stifness, we calculated the spatial and temporal autocorrelation functions of
force vectors (Fig. 2.15). The correlation length gives the length scale over which the vectors
point in the same direction and hence a signature of microdomain size. The correlation time
gives the time scale over which the vectors do not change their direction and hence a signature
of the stress iber reorientation. Both correlation length and correlation time were small and
did not show much variation with substrate stifness. For spatial autocorrelation, the reason
could be that a single micropillar may support multiple stress ibers at the interface between
microdomains, and hence the measured forces may not correspond to stress iber direction.
2.3.6 Cell migration and ECM stifness
In order to understand how ECM stifness afects cell migration, we analyzed cell migration
on substrates of stifness 9, 38 and 85 nNµm−1 (Fig. 2.16 on page 83). We plotted the mean
square displacement (MSD) of cells as a function of time on a log scale and found that the slope
of the resulting curve was approximately one for all the substrate stifnesses (Fig. 2.16 e). This
indicated that the cells undergo difusive, or, random, motion on the micropillar substrates.
Also, the y-intercepts of the curves were similar, indicating no signiicant diference in the
difusion constant. We found that the instantaneous velocity of cells was lower on the stifest
substrate (85 nNµm−1) compared to for cells on the 9 and 38 nNµm−1 substrates (Fig. 2.16 f).
This could be due to the highly organized actin cytoskeleton on the stifest substrate Ð on the
85 nNµm−1 substrate, almost all the stress ibers are aligned in a single direction and strongly
anchored to the substrate, making it necessary for cells to expend a signiicant amount of
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energy to re-align or depolymerize them in order to migrate; on the 38 nNµm−1, where stress
ibers are locally aligned in microdomains, it would require lower energy to realign them and
migrate compared to on the stifest substrate; on the 9 nNµm−1 substrate, there are almost no
stress ibers, and the cells are luid, indicating that it would have to expend a lower amount
of energy to migrate. Also, we calculated the persistence of the cells, measured as the ratio of
cell displacement and total distance covered. We found that the cells were more persistent
in their migration direction on the softest substrate (9 nNµm−1) compared to the two stif
substrates (Fig. 2.16 g). This was surprising considering our earlier observation that most
cells are circular and non-polarized on the 9 nNµm−1 substrate (Fig. 2.5 a). Hence, the energy
barrier to change migration direction should be lower on the soft substrates, which is not
relected in our data for cell migration persistence. Our live-cell observations of the actin
cytoskeleton were for 2 hours only, and perhaps observation of actin cytoskeleton for more
than 12 hours could provide some explanation for the anomaly in cell shape and migration
on soft substrates.
2.3.7 Microtubule organization changes with ECM stifness
In order to understand the substrate stifness-dependent migration of cells, we labeled the
microtubules inside the cells. Microtubules have been implicated in cell migration and polarity
[260], but their role in sensing ECM stifness is not well-studied; there are only a few studies
showing their role in cardiac striated muscle response to mechanical stimulation [261]. In
order to observe microtubule organization on soft and stif substrates, we immunostained
α-tubulin (Fig. 2.17 on page 85). We found that on soft substrates (9 nNµm−1) microtubules
were conined within the peri-nuclear region, and were encircled by thick cables of actin
ilaments (Fig. 2.17 a-c; observed for 50 of 55 cells imaged). Thus the microtubules could not
reach the cell edge. In contrast, on the stif substrates (85 nNµm−1), which had well-formed
stress ibers, the microtubules could reach the cell edge (Fig. 2.17 d-e; observed for 40 of 43
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Figure 2.16 | Cell migration on diferent ECM stifness. (a-c) Cell trajectories on substrates of
diferent stifness, each indicated by a color. Trajectories correspond to 31, 50 and 52 cells, imaged
for 850 min every 10 min, on 9, 38 and 85 nNµm−1 substrates respectively. Axes scale is in microns,
with (0,0) indicating the initial cell positions. (d and e) Mean square displacement (MSD) of cells
as a function of time, corresponding to diferent substrate stifness. The log-log plots in (e) fit lines
of slopes 1.03, 0.92 and 0.99 for 9, 38 and 85 nNµm−1 substrates respectively. (f) Distribution of
mean instantaneous cell velocity for diferent stifness. (g) Distribution of cell persistence (ratio of
displacement and total distance covered) for diferent stifness. represent the mean values; box ends
represent the first and third quartiles of the data; whisker ends represent the last data within 1.5 IQR.
P-values were calculated using Mann Whitney U-test. All data were obtained from 31, 50 and 52 cells,
imaged for 850-1450 min every 10 min, on 9, 38 and 85 nNµm−1 substrates respectively. 1 nNµm−1 ≈
0.7 kPa.
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cells imaged). We believe that the coninement of microtubules on soft substrates could be
due to the persistent rearward low of actin ilaments that would prevent microtubules to
break through the thick actin cables and grow towards the cell edge. Plestant et al. [262]
had observed similar coninement of microtubules in epithelial cells adhered to cadherin-
coated substrates, and had indeed found that disruption of the actin cytoskeleton enabled the
microtubules to grow towards the cell edge. Similar obstruction of microtubules due to actin
retrograde low at cell edge has also been observed in neuronal growth cones, where disruption
of actin retrograde led to increased microtubule penetration [263]. Also, the microtubules
appeared to be highly bent on soft substrates due to the coninement. Since microtubules have
a very high bending stifness, it is not clear how the contracting actin cables could apply the
large forces needed to bend them. Recently, Schaedel et al. [264] showed that microtubules
could soften and undergo larger deformation under repeated cycles of bending and release.
This mechanical behavior of microtubules could explain the large bending curvature observed
here.
This substrate stifness dependent change in microtubule organization could have implica-
tions in determining cell polarity and regulating cell migration [55]. Microtubules are involved
in regulating the FA turnover and protein traicking to leading edge of migrating cells, and
hence are important for determining the front-rear polarity of migrating cells [260, 55]. Since
we observed that the microtubules are conined in the peri-nuclear region on soft substrates,
they would be unable to interact with FAs at cell edges. Thus, a front-rear polarity would not
be established in the cells which remain circular and non-polarized. This does not explain our
observations of cell migration (Fig. 2.16) on micropillar substrates of diferent stifness. We
had found that cells had higher migratory velocity and more persistent motion on the soft
substrate compared to stif substrates. Our observation of microtubules indicates the opposite



















Figure 2.17 | Microtubule organization changes with substrate stifness. REF52 cells immunos-
tained to label F-actin and α-tubulin on sot micropillar substrate ( 9 nNµm−1, (a-c)) and on stif
micropillar substrate ( 85 nNµm−1, (d-f)). (g) and (h) are the insets in (c) and (f) respectively. The
images are representative of 50 (out of 55 imaged) and 40 (out of 43 imaged) cells for 9 nNµm−1 and
85 nNµm−1 substrates respectively. Scale bars, (a-f) 10 µm, (g) and (h) 2 µm.
Also, the ECM stifness-dependent microtubule organization might play a role in durotaxis,
whereby cells preferentially migrate towards a stifer substrate [14]. When a cell adhered
to a soft substrate encounters a stif substrate, the actin cables conining the microtubules
might reorganize where the cell makes contact with the stifer substrate. This could allow
the microtubules to grow out of the coninement and towards the cell edge on the stifer
substrate, thus polarizing the cell in the direction of the stif substrate.
2.4 Conclusions
In this chapter, I have presented our experimental results showing that actin cytoskeleton can
adapt its organization, rheology, and traction forces to the stifness of micropillar substrates.
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We found that the cells were more spread and were more elongated on the stifer substrates
(Fig. 2.4). On the softer substrate, a signiicant proportion of them had a circular morphology
with circular actin cables and almost no prominent stress ibers (Fig. 2.5). On the stif substrates,
we observed actin stress ibers that were organized into locally-ordered microdomains that
increased in size with substrate stifness (Fig. 2.5). We also found that the distribution of
stress iber proteins α-actinin, myosin IIA, myosin IIB, and phosphorylated myosin light chain
changed with substrate stifness (Figs. 2.7, 2.8 and 2.9). We observed that the actin cytoskeleton
was more dynamic in cells adhered to soft substrates, which exhibited a persistent centripetal
low from cell edge towards cell center (Fig. 2.10). We interpreted this as the cells being
less viscous on soft substrates compared to those on stif substrates, and our measurements
of cell luidity using AFM support this interpretation (Fig. 2.11). Also, the magnitudes of
cellular traction forces, and the rates at which they were applied by the cells, increased with
substrate stifness (Figs. 2.13 and 2.14). Taken together, all these observations suggest that
actin cytoskeleton could act as a large-scale mechanotransducer of ECM stifness, besides
generating traction forces.
The results that I have presented so far establish a correlation between the organization
and dynamics of actin cytoskeleton and ECM stifness. In the following chapter, I will
present our proposed theoretical model that helped to explain some or the results. We were
particularly interested in understanding how the organization of actin cytoskeleton adapted
to ECM stifness. The increasing size of stress iber microdomains suggested that the actin
cytoskeleton might be undergoing a substrate-stifness-dependent phase transition. This
phase transition in actin cytoskeleton could be a mechanism that could drive the large-scale
mechanotransduction process by which the cells could sense ECM stifness. In the next
chapter, I will explore this idea in detail.
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Chapter 3
Actin cytoskeleton behaves as an active
nematic gel 1
In this chapter, I will describe the theoretical model we developed to describe how actin
cytoskeleton can play a role in large-scale mechanotransduction. The model is based on
the experimental observations described in the last chapter. I will give an overview of the
theoretical formulations that were used to develop the model, and will then discuss the
implications of the model. The model provides a mechanism by which the actin cytoskeleton
may directly adapt its organization and traction forces in response to ECM stifness.
1Results presented in this chapter are based on the work done in collaboration with Dr. Raphaël Voituriez,
UPMC, Paris, and were published in Gupta, M. et al. Adaptive rheology and ordering of cell cytoskeleton govern
matrix rigidity sensing. Nat. Commun. 6:7525 (2015).
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3.1 Introduction
In the previous chapter, I had presented our observations that actin cytoskeleton can adapt its
organization, dynamics, and rheology to substrate stifness. We had found that the rheology
of actin cytoskeleton changes with the substrate stifness Ð being luid-like on soft substrates,
and solid-like on the stif substrates (Fig. 2.11 on page 75). Also, on the stif substrates, actin
cytoskeleton was organized into locally-ordered microdomains of contractile stress ibers,
whose size, and hence the global order in the cell, increased with substrate stifness (Fig. 2.5
on page 67). This increasing size of locally-ordered microdomains of rod-like stress ibers
is reminiscent of the phase transition irst proposed for solutions of rod-like polymers by
Onsager [265].
Such phase transition has been observed for solutions of actin ilaments, which can act as
rods at lengths close to their persistance length of ~10-15 µm [266ś269]. The diferent phases
of actin ilaments and their transition depended on the length and density of the ilaments.
The phase transition was described in the framework of the Liquid Crystal theory [270, 271],
where the ilaments underwent a transition from an isotropic to a nematic liquid crystalline
phase Ð nematic phase of liquid crystals corresponds to a unidirectional alignment of the
ilaments which do not exhibit any polarity. Although, actin ilaments in solution can behave
like liquid crystals (LCs), the cytoskeleton is composed of a cross-linked network of actin
ilaments.
Cross-linked networks of actin ilaments can also show liquid crystalline phases, along
with soft elasticity, and may be modeled as liquid crystal elastomers (LCEs) [272], which
resemble cellular actin cytoskeleton more closely than LCs. Similar to our observation of
stress iber microdomains of increasing size, implying a transition from multiple domains to a
single domain, LCEs have been observed to show a poly-domain to mono-domain transition
[273, 274]. This transition was shown to occur due to both rotation and growth of the domains
[274, 275]. Importantly, the poly-domain to mono-domain transition only occurred when the
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passive LCEs were stressed under external forces. However, actin cytoskeleton can generate
its own contractile stresses due to myosin activity, and this active nature of the cytoskeleton
may drive the transition in cells.
The active nature of the actin cytoskeleton can be described in the framework of active
gel theory [228]. Active gel theory models the cytoskeleton as a non-equilibrium system
where the active stresses in the cytoskeleton (generated by myosin activity) are assumed to
depend on the alignment of actin ilaments. However, it coarse-grains the molecular details
and provides only a meso-scale description of the cytoskeleton. It also does not take into
account the dynamics of the FAs. Active gel theory has been used to explain lamellipodia
based cellular motion [276], cell division [277], and substrate stifness dependent response of
actin cytoskeleton [69, 278, 279], among other phenomena.
We combined the theoretical frameworks of liquid crystal theory and active gel theory to
develop a model that describes the substrate stifness dependent actin organization, and helps
explain some features of mechanotransduction2. Before describing the model and the obtained
results in the later sections, I will irst give an overview of the theoretical formulations we
used.
3.1.1 Liquid crystals
Matter can exist in diferent states, such as solid, liquid crystal, liquid, gas and plasma, that
have diferent properties. Liquid crystal (LC) is a state (or phase) of matter whose order
lies in between that of solid and liquid states; order of a state refers to how constrained
the constituent molecules are in their movements (Fig. 3.1 on page 93; see Collings [271]
for an overview, and de Gennes and Prost [270] for a detailed mathematical description of
LCs). Solids have a very high order, with both a positional and an orientational order (their
constituent molecules are constrained to only certain positions, and orientations), while
2done in collaboration with Dr. Raphaël Voituriez (UPMC, Paris) and Dr. Andrew Callan-Jones (Paris
Diderot, Paris)
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liquids have neither and thus no order (constituent molecules are free to move to any position,
hence the liquids low, and assume any orientation). Liquid crystals do not have a positional
order, but they have an orientational order; this implies that they can low like a liquid, but
the constituent molecules are constrained in how they can orient with respect to each other,
but not as constrained as in solids. The molecules that form liquid crystal phases are most
commonly rod-like (elongated and with some rigidity), although some disc-like molecules
can also show LC phases [280].
Liquid crystals themselves can be in several phases, depending on the positional and
orientational order of the molecules Ð isotropic, nematic, chiral, and smectic phases, with
increasing order from isotropic to smectic due to increase in constraints on the molecules. In
an isotropic phase, the molecules are organized randomly with no ixed orientation like in a
liquid; in a nematic phase, the molecules align in the same direction but can move freely; in a
chiral phase, the molecules are aligned at an angle to each other in a helical pattern; in the
smectic phases, the molecules are organized into layers (hence, they have some positional
order), where the molecules in each layer are oriented in the same direction, but diferent
layers can have diferent orientations. I would like to point out that nematic liquid crystal
molecules have no inherent polarity and thus both the directions along their major axis are
equivalent. Several biological molecules exhibit liquid crystal phases in aqueous solutions Ð
lipid molecules in cell membranes are organized in a smectic phase, leading to the bi-layer
structure [281]; DNA can form LC phases which might play a role in its nuclear packaging
[282]; actin and myosin ilaments in stress ibers show smectic and nematic phases.
3.1.2 Nematic order parameter
Order parameter is a generic parameter used to quantify the order of a physical system,
and its deinition depends on the system under consideration Ð for example, in a system

















Figure 3.1 | Schematic representations of crystalline solid, liquid crystal and liquid. Crys-
talline solids have positional and orientational order; nematic liquid crystals have orientational order,
but no positional order; isotropic liquids have no order. Transitions among these diferent phases of
mater can occur due to changes in temperature or density.
Liquid crystals are characterized in terms on an order parameter that quantiies the amount
of orientational order in a liquid crystal phase. Since actin stress ibers, which are the focus
of the later discussion, show only isotropic and nematic phases, here I will describe the order
parameter deinition used for an isotropic-to-nematic phase transition (adapted from Chaikin
and Lubensky [254, p. 168]). I would like to note that actin ilaments themselves are polar,
with polymerizing and de-polymerizing ends [283], but stress ibers are composed of bundles
of anti-parallel actin ilaments and are not polar. Thus, stress ibers can be characterized by a
nematic order parameter.
In the nematic phase, the order parameter could be associated with the unit vector vα
pointing along the major axis of a rod-like molecule α , at position xα . However, since the
nematic molecules have equal probability of being in parallel and anti-parallel directions, a
vector order parameter would not be suicient since vα and −vα would be equivalent. The
next choice would then be a second rank tensor. Also, an ideal deinition of order parameter
is the one that leads to a value of zero when the nematic phase has no order (isotropic phase),
and a non-zero value when the nematic phase is ordered. Thus, a symmetric traceless tensor
constructed from vα is used to deine the order parameter since it will give 0 when averaged
over all directions in an isotropic phase. In 2D, the tensor, denoted by Q with components
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δi j)δ (x− xα) = ⟨viv j− 1
2
δi j⟩ (3.1)
where the average is taken for all molecules α in a given volume around the point x, and
vi is the ith component of the molecule alignment vector v. In the nematic phase, on average
the molecules are aligned along a particular direction speciied by a unit vector n, called the








where S is the scalar order parameter that gives the degree of alignment. Since S/2 is an
eigen value of the matrix ⟨Q⟩ with the eigen vector n, (⟨Q⟩− (S/2)I)n = 0. Using Eq. 3.1, this
implies S = 2⟨(vα ·n)2− 1
2
⟩= ⟨2cos2 θ α −1⟩ , where θ α is the angle between the molecular
axis vα and the director n. Thus,
S = ⟨cos2θ α⟩ (3.2)
Thus, the order parameter tensor Q of a nematic liquid crystal gives the information about
both the degree of alignment (scalar order parameter S) and the direction of alignment (the
director n). The deinition of order parameter presented above is speciic to an isotropic-to-
nematic phase transition, and a diferent deinition is used for the other phases.
3.1.3 Phase transition
Liquid crystals can transition from a high-ordered phase to a low-ordered phase, either when
their temperature is increased to add energy to release the constraints (thermotropic phase
transition), or when the density of the molecules in solution is decreased, leading to less
interaction between the molecules and hence less constraints (lyotropic phase transition).
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Solutions of biological polymers, such as actin ilaments, undergo lyotropic phase transitions,
and hence I will focus on these transitions here.
In general, phase transitions are characterized by the symmetry of the phases on either
side of the transition. The symmetry of a phase is given by the number of ways it can be
transformed (translated, rotated, relected, etc), without changing it in any way. For example,
an isotropic phase can be rotated about any axis, and translated in any direction without
changing it. Thus, it has continuous rotational symmetry about all axes and continuous
translational symmetry in all directions. On the other hand, a nematic phase has a continuous
rotational symmetry only about its director, since rotation about any other axis will change
the director direction; it has a continuous translational symmetry in all directions. Thus, in
an isotropic-to-nematic phase transition, some of the symmetry of the system is lost. This is
referred to as spontaneously broken symmetry, which is a general feature of phase transitions.
In general, phase transitions are characterized by the symmetry of the phases on either
side of the transition point; the symmetry of a phase is given by the number of ways it can be
transformed (translated, rotated, relected, etc), without changing it in any way. However,
order parameter is a more quantitative characteristic of a phase transition, and its deinition
is speciic for each phase transition. For an isotropic-to-nematic phase transition (as observed
for solutions of actin ilaments), the order parameter is described as shown above by Eq. 3.2.
The phase transitions in which the value of the order parameter changes abruptly from zero
to non-zero are called discontinuous or irst-order phase transitions; if the change in the order
parameter value is gradual, then the phase transition is called continuous or second-order phase
transition. In pure liquid crystals, the isotropic-to-nematic phase transition is irst-order.
Several theories Ð statistical and phenomenological Ð have been proposed to explain
phase transitions in liquid crystals [see 270, pp. 59-78]. Statistical theories (Onsager, Maier-
Saupe, etc) that take into account the intermolecular interactions have several shortcomings.
They use mean-ield approximations, meaning that they assume that a single molecule ex-
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Figure 3.2 | Landau-De Gennes free energy
and phase transition. Lyotropic liquid crystals
undergo a phase transition at a critical density ρc.
They are in an isotropic phase at a density ρ < ρc
because the Landau-De Gennes free energy F in
minimum only at S = 0. They undergo a transition
to a nematic phase at ρ > ρc, when F is minimum
for S > 0. The inset shows the divergence of F
close to S = 0 for diferent ρ .
periences a force that is the same for all molecules on average. The theories based on such
approximations have been unable to accurately predict the change in order parameter at
phase transitions. Phenomenological theories, which could be constructed without taking
into account the molecular details, have proved useful in predicting order parameter changes
at phase transitions. The phenomenological Landau-De Gennes theory is generally used for
isotropic-to-nematic phase transitions (see Gramsbergen et al. [284] for a detailed description).
The theory assumes that close to transition temperature, or density, the equilibrium properties
of a system can be calculated from a single generalized function of free energy that depends
on the system order parameter. This free energy can be thought of as the interaction energy of
the molecules, and the system will reach equilibrium at its minima. The simpliied expression






where a and u are constants, S is the scalar order parameter as deined in Eq. 3.2, ρ is
the density of molecules, and ρc is a critical density at which the system undergoes phase
transition. The equilibrium state can be obtained by minimizing F with respect to S at
constant ρ . This free energy functional can predict the isotropic-to-nematic phase transition
above a critical density ρc (Fig. 3.2).
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3.1.4 Liquid crystal elastomers
Liquid crystal elastomers, or LCEs, are a class of elastic materials that comprise of networks
of cross-linked polymers that exhibit orientational order of liquid crystals (LCs), and soft
elasticity of elastomers (see Warner and Terentjev [285] for a detailed description). In LCEs,
long polymer chains, having rigid anisotropic regions, can order like nematic liquid crystals.
The average shape of the polymer chains changes from spherical to ellipsoidal when the
polymers undergo an isotropic-to-nematic phase transition, and leads to macroscopic shape
changes or strains. Cross-linking of the polymers constraints them, leading to lower order
compared to pure liquid crystals. Importantly, in contrast to LCs, the cross-linking also leads
to soft elasticity in LCEs because of resistance to deformations. In LCEs, the orientational
order and mechanical strains are coupled to each other since it costs energy to rotate the
director due to cross-linking. The free energy functional in Eq. 3.3 can be modiied to account
for the elasticity of LCEs [229].
3.1.5 Active nematic gels
Actin cytoskeleton can be modeled as an active LCE, also called an active nematic gel. Active
nematic gels are out-of-equilibrium gels that are active due to continuous consumption of
energy (in form of ATP molecules) by the myosin motors. They are described by the active gel
theory which provides their constitutive relations, i.e. relations between physical quantities
specifying how the gels respond to forces (see Joanny and Prost [286] for a qualitative
description, and Kruse et al. [287] for a mathematical description). Active gel theory is based
on generalized hydrodynamic theory that takes into account the broken symmetry of the
nematic phase (in form of the order parameter tensor), and the activity of myosin motors
that generates stresses and material lows. Myosin activity leads to an active stress in the
gels, which is accounted for in the constitutive relation by introducing a stress term. Also, it
has been observed experimentally that myosin generated stresses are anisotropic and in the
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direction of actin ilament alignment, which is given by the principal direction of the nematic
order parameter. Thus, any change in the order parameter and myosin activity would lead to
an active stress in the gel. This can be written as (adapted from Joanny and Prost [286, p. 98]):
δσai j = (ζ ∆µ)δQi j (3.4)
where δσai j is the change in active stress, ζ is an activity coeicient that depends on the
material property and density of the gel, ∆µ is the energy added by activity of each myosin
molecule. This linear relation is valid only for small changes in the myosin activity ζ ∆µ ,
which might not be always true inside cells.
Active gel theory describes the actin cytoskeleton at large spatial and temporal scales,
and cannot fully describe the molecular details of actin cytoskeleton dynamics. Although
some of the molecular details such as myosin motor activity are efectively taken into account
in the theory, molecular details such as adaptations of cross-linker binding activity, and
biochemical-signaling-dependent changes in actin cytoskeleton dynamics are not taken into
account.
3.2 Methods
3.2.1 Calculation of order parameter
In order to quantify the actin cytoskeleton organization, we calculated the order parameter,
S of actin ilaments, using the deinition in Eq. 3.2. S measures the degree of alignment of
actin ilaments, with values ranging from 0 to 1 Ð a value of zero implies that ilaments are
randomly aligned, hence no order, and a value of 1 implies that all the ilaments are aligned
in the same direction, hence very high order. We used the ImageJ plugin described previously
(Sec. 2.2.5 on page 64) to calculate the actin ilament orientations θ f from microscopy images.
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We calculated the order parameter of a cell as S = ⟨cos(2(θ f − θavg))⟩, where θavg is the
average ilament angle in the cell.
We also calculated the order parameter in polar coordinates, Sr(r) for the axi-symmetric
cells, by measuring the angle γ between the actin ilament at each point (r,θ) and radial
vector from cell centre, using the ImageJ plugin. To calculate Sr for the whole cell, we used
Sr = ⟨cos(2γ)⟩, where the average is taken over all θ for an r.
3.2.2 Calculation of stress iber geometry
We measured the length and width of stress ibers to see how their geometry changes with
substrate stifness (Fig. 3.5 on page 107). We used stress iber intensity proile, in a direction
perpendicular to their major axis, to measure the width. The width of a stress ibers was an
average of measurements at three points along its length. The length was measured as the
distance between focal adhesions at the two ends of a stress iber.
3.3 Theoretical model of actin cytoskeleton
We modeled the actin cytoskeleton of a well-spread cell as a 2D viscoelastic active nematic
gel, with a linear Maxwell model of viscoelasticity in parallel with an active stress-generating
element (Fig. 3.3). Based on the Maxwell model, the constitutive equation relating the strain
rate vi j = (∂iv j +∂ jvi)/2 to the passive stress tensor σ
p
i j can be written as






where D/Dt denotes the convective derivative, τ = η/E is a relaxation time with η being the
shear viscosity and E being the elasticity. It is characterized by the typical lifetime of actin
structures (bundles or stress ibers) in the cytoskeleton. At time scales≪ τ actin structures
are conserved and the cytoskeleton behaves as a linear elastomer; at time scales ≫ τ the
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σaij = ζ δij+ ζ ′Qij
2ηvij = (1 + τ D/Dt)σpij
Figure 3.3 | Graphical representation of the theoret-
ical model. Actin cytoskeleton is modeled as passive
Maxwell viscoelasticity model in parallel with active acto-
myosin network. The relaxation time τ depends on sub-
strate stifness. Total stress σ = σ p +σa.
cytoskeleton behaves as a Newtonian luid. Also, according to the active gel theory the active
stress tensor σ ai j in the gel due to myosin activity can be obtained from Eq. (3.4) as:
σ ai j = ζ ρδi j +ζ
′ρQi j. (3.6)
where, ρ is the density of actin ilaments, ζ is the part of contractile energy leading to an
isotropic active stress, ζ ′ is the part of contractile energy leading to anisotropic active stress
along primary orientation of actin ilaments, and Qi j is the nematic order parameter (as
deined in sec. 3.1.2) which gives the actin ilament orientational order. It is to be noted that
the dependence of σi j on ρ is not classical and is used here to consider the efect of increasing
density of actin ilaments on active stress. Also, ζ > 0 so that the active stress is contractile.
The total stress in the gel is then given by





Importantly, we assumed that the gel relaxation time τ depends on substrate stifness.
This assumption was based on our observation that actin cytoskeleton rheology changes
with substrate stifness, with cells being more luid on soft substrates (Fig. 2.11 on page 75).
The substrate stifness dependent relaxation time can be interpreted in terms of the efective
friction provided by the substrate. On soft substrates, we observed that focal adhesions
(FAs) are small compared to stif substrates (Fig. 2.5 j). As a consequence, the efective
friction between the actin cytoskeleton and the soft substrates is very low. Thus, actin
ilaments can low almost freely over the soft substrate (in response to active constraints
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due to polymerization and contractility), with their lifetimes on the order of minutes. In
contrast, on stif substrates FAs are large and mature, which may be interpreted as an increase
of the friction. Thus, actin ilament structures such as stress ibers do not slip much over the
stif substrates, and their lifetime is comparable to the observation time. Therefore, on the
time-scale of our observations (hours), we considered actin cytoskeleton as being viscous on
soft substrates, and elastic on stif substrates.
In the following, I will describe the viscous regime of actin cytoskeleton on soft substrates,
followed by the elastic regime on stif substrates.
3.3.1 Orthoradial organization on soft substrates 3
Here, I will present our model of an active viscous nematic gel that can reproduce the actin
ilament lows and orthoradial actin ilament patterns observed on soft substrates (Fig. 2.10
on page 73).
Following observations, we assumed that the cell remains axisymmetric, or circular on
soft substrates, and thus used polar coordinates r,θ (Fig. 3.4 d). In polar coordinates, the force




(σrr−σθθ )−∂rΠ = ξ vr (3.8)
where σrr and σθθ are the radial and tangential components of stress, r is the radial distance
from cell centre, Π is the pressure in the gel, and vr is the radial velocity proile of cellular
actin ilaments that experience friction with coeicient ξ from the substrate.
Also, we assumed that the dynamics of order parameter tensor Q is coupled to the strain
rate tensor vi j, following Salbreux et al. [277]. The radial proile of the nematic order parameter,
3theoretical results presented in this section were obtained by Dr. Raphaël Voituriez, UPMC, Paris, and Dr.
Andrew-Callan Jones, Paris 7, Paris
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Figure 3.4 | Actin cytoskeleton behaves as a viscous nematic gel on sot substrates. (a) Live-
cell image of REF-52 cell transfected with RFP-Ftractin, on 9 nNµm−1 substrate. (b) Kymograph
along line AA′ (a). The cells were imaged every 10 s for 25 min. (c) Radial velocity of actin filaments,
vr = 1/ tanβ as a function rn, where β is the angle as indicated in (b). Experimental data (gray) was
obtained from 6 cells. Theoretical fit (red) for vr was obtained from Eq. (3.14) using vp = 3.5 µm/min and
R/a = 2.5 (d) REF-52 cell immunostained for actin filaments on k = 9 nNµm−1; γ is the angle between
actin filament at (r,θ) and the radial vector. (e)Corresponding color-coded image obtained ater image
analysis; green indicates radial arrangement (γ < 45◦), and white indicates orthoradial arrangement
(γ > 45◦). (f) Actin order parameter in polar coordinates, Sr(r) = ⟨cos(2γ)⟩. Experimental data (gray)
was obtained from 17 cells. Theoretical fit (red) for Sr was obtained from Eq. (3.15) using R = 30 µm,
R1 = 0.8R, R/a = 2.5, vp = 3.5 µm/min, α = 6.5, and β1 = 0.7. Vertical dashed lines at r = 0.2 and r =
0.8 correspond to rn = 0 and r = R1 respectively. (g) REF52 cell immunostained for myosin IIA and
actin filaments on 9 nNµm−1 substrate. (h). Normalized intensity profiles of actin and myosin IIA
along the side AB of the white rectangle in (g). The intensities were averaged along the width of the
rectangle. The dashed line indicates the nucleus boundary. Scale bars, 20 µm (a,d) and 15 µm (g). First
published in Gupta et al. [251].
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S(r), would then depend on actin ilament low proile vr(r) according to:






where the left hand side is the material derivative (no co-rotational terms exist for axisym-
metric, centripetal low), β1 is an inverse relaxation time, and β2 > 0 is the low ordering
parameter. At steady-state, as observed experimentally, ∂tS = 0. We assumed that in the ab-
sence of active efects (polymerization and retrograde low-driven ordering), the cytoskeleton
would be in an isotropic phase (β1 large and positive, and thus S = 0). Also, we neglected
Frank elastic terms ∇2S in the dynamical equation for S, on the basis that the corresponding
elastic stifnesses vary as S2 and thus are small under the above stated assumption [288].
Experimentally, we had observed that the actin ilaments were radial at cell edge, and
tangential at nuclear boundary. This organization could be due to both actin polymerization
at cell edge, and ordering efects of the low. Thus, we considered the efect of both cell edge
polymerization, and low ordering to obtain the order parameter proile S(r) from low proile
v(r).
Efects of cell edge polymerization alone. Actin polymerization at the cell edge, r = R,
imposes radial order, i.e., S(R)> 0. Assuming β1 is large, S takes large values only near r = R
where vr ≃ −vp, the polymerization rate. Therefore, the cytoskeletal order resulting from






Efects of low ordering alone. Neglecting boundary efects, under the assumption that β1
is large, we could assume that S depends on the velocity ield. We neglected the convective
term in Eq. (3.9) since it is ∼ v2p/β1, and thus small. Therefore, the cytoskeletal order due to
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where α = β2/β1.
Combining boundary and low ordering efects. Since it is assumed that Spoly decays quickly
away from r = R, we could combine the efects of polymerization and low ordering to obtain





where, R1 accounts for the condition of radial ilaments at the cell periphery.
Also, combining the force balance Eq. (3.8) and the constitutive Eq. (3.7) for constant ρ ,









vr− vr = 1
ξ
∂rΠ (3.13)
where a2 =(2η+ζ ′′α/2)/ξ . This equationwas solvedwith v(r =R)=−vp and v(r = rn)= 0.
For the sake of simplicity we assumed that the dynamics is mainly driven by boundary
conditions and neglected the pressure contribution. Thus, we obtained the velocity proile
v(r) = AI1(x/a)+BK1(x/a), where I,K are Bessel functions and A,B are constants that can




This low proile of actin ilaments its well with the experimental observations (Fig. 3.4 c).
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Since α > 0 [277], this indeed predicts an orthoradial organization of actin cytoskeleton
(Fig. 3.4 f).
3.3.2 Isotropic to nematic transition on stif substrates 4
On the stif substrates, we considered the elastic limit of the viscoelastic model since the
characteristic time τ is assumed to be very large. We considered the cytoskeleton as a square-
shaped elastic nematic gel of size L that is adhered to micropillars of stifness k, with stress
ibers (having orientational order Q) anchored to the micropillars at both ends (Fig. 3.6 a).
Here, I will present how our model can explain the experimentally observed transition in
actin ilament organization, which gets increasingly ordered with substrate stifness.
We deined the strain tensor of the gel as εi j = (∂iu j+∂ jui)/2, where u is the displacement
ield of the gel. Since we are interested in transition of actin organization, we considered
only the bi-axial deformation. Thus, εxy = εyx = 0, so that the strain is determined only by its
diagonal components. Also, we assumed that the ilament density ρ changes linearly with
total strain Tr(ε), which can be interpreted as the efective gel density:
ρ(ε) = ρ0 +χTr(ε) (3.16)
where ρ0 and χ are phenomenological coupling constants. According to equilibrium thermo-
dynamics, χ < 0. However, for the active mechanotransduction process χ > 0.
For the sake of simplicity, we assumed that the cell interacts with the substrate only
through the focal contacts, which are assumed to be located at the cell periphery (Fig. 3.6 a).
Assuming that the reference (undeformed) state has an extension L in both x and y directions,
and neglecting the passive contribution to stress, force balance yielded σ aii + k(L/A)εii = 0,
where σ a is the active stress given by Eq. (3.6), A is stress-iber cross-section area, and k is
substrate stifness (Fig. 3.6 a). Here we made use of the fact that the deformations of each
4contributed to the theoretical results presented in this section
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Figure 3.5 | Stress fiber geometry as a function
of substrate stifness. L represents the length
andW 2 represents the cross-sectional area of stress
fibers. Each data point corresponds to at least 25
stress fibers from at least 5 cells. represent the
mean values. Box ends represent the first and third
quartiles of the data, and whisker ends represent
the last data within 1.5 IQR. No statistically signif-
icant diference was found; P > 0.01 using Mann-
Whitney U test.
of the pillars are independent, and that the deformation of the gel is the same as that of the
substrate at the boundary. We found that L/A is constant with substrate stifness (Fig. 3.5 on
the next page), and hence:
σ aii +Kεii = 0, (3.17)





The dependence of actin ilament density ρ on substrate stifness k (∝ K) has been shown
experimentally by Solon et al. [233].
For an equilibrium elastic nematic gel, the strain tensor, ε , which quantiies the gel
deformation, and the nematic tensor, Q, are generically coupled through a Landau free energy






S4 +µTr(ε ·Q)+Fe(ε) (3.19)
where ρ is the gel density, S is the scalar order parameter, γ , ρc, ω , µ are coupling constants,
and Fe denotes the usual quadratic elastic free energy. The passive elastic stress in the gel can
be obtained by diferentiating Fe; its contribution was expected to be much smaller than the
active stress [242] and thus we neglected it. Also, we did not consider the terms in gradients of
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Figure 3.6 | Actin cytoskeleton behaves as an elastic nematic gel on stif substrates. (a)
Schematic of the theoretical model. (b) Live-cell image of a REF-52 cell labeled for actin on substrate
with k = 43 nNµm−1. Scale bar, 20 µm. (c) Corresponding orientation map for actin; θ is the diference
between the angle of a single actin filament, θSF, and the mean angle of all filaments, θmean. (d)
Corresponding force vectors (yellow) are shown for actin-labeled cell (green) on its underlying mi-
cropillar substrate (magenta). Scale bars, 50 nN and 20 µm respectively. (e) Order parameter of actin
cytoskeleton, S = ⟨cos(2θ)⟩ as a function of k. Each data point represents 25-30 cells. Theoretical fit
for S was obtained from Eq. (3.23) using k∗ = 30 nNµm−1. (f) Order parameter of force vectors, Sσ , as
a function of k. (g)Mean traction force, ⟨F⟩, applied by cells as a function of k. Theoretical fit for ⟨F⟩
was obtained from Eq. (3.24) using cρ0 = 8.41 and 2χζ = 11.49. (h)Mean strain energy per pillar U as
a function of k. Theoretical fit for U was obtained from Eq. (3.26) using c1 = 67, c2 = 15, and 2χζ =
11.49. Each data point in (f), (g) and (h) represents 8-11 cells imaged for 2 hours, every 2 min. The
error bars denote the standard deviation from the mean. △ represents data for the sot substrate
(9 nNµm−1), and ■ s represent data for stif substrates (43, 58, 64, 85 nNµm−1). (i) Actin stress fiber
microdomain overlaid with corresponding force vectors (yellow) for a cell on k = 43 nNµm−1. Scale
bars, 40 nN and 15 µm respectively. (j) Corresponding orientation plots. (k-m) Corresponding actin
density (mean actin intensity), ρ , actin order parameter, S, and mean traction force, ⟨F⟩, as a function
of time. First published in Gupta et al. [251].
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Q, as well as boundary terms, since we followed a mean-ield approach in which Q is averaged
over the cell (similar to Zemel et al. [67]). In order to obtain the nematic order parameter
S, we minimized F with respect to ε , and obtained γ(ρc−ρ)S+ωS3 +µ(εxx− εyy)/2 = 0,









This shows that the actin cytoskeletal gel undergoes an isotropic-to-nematic phase transition
similar to lyotropic liquid crystals: when ρ < ρ∗, where ρ∗= γρc/(γ+ µζ
′
2k
), the gel is isotropic











Since ρ depended on substrate stifness k (Eq. 3.18), we found equivalently that this transition










shows that the gel would be isotropic at low stifness (k < k∗), and nematic at high stifness
(k > k∗). This provides a simple stifness dependent ordering mechanism, which is in quali-
tative agreement with observations. Here, ζ > 0 and χ > 0. While χ > 0 would contradict
equilibrium thermodynamics, it is in fact at the core of the active mechanosensing mechanism
that we describe. As in classical second-order phase transitions, this analysis predicted that




which agrees well with experimental observations (Fig. 3.6 e). The theoretically obtained
transition stifness, k∗ = 30 nNµm−1 (≈ 21 kPa [123]), is similar to the in vivo environment
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Figure 3.7 | Autocorrelation function of actin filament orientation. (a-c) REF52 cells immunos-
tained for actin filaments on substrates of stifnesses 9 nNµm−1 (a), 43 nNµm−1 (b), and 85 nNµm−1,
(c) respectively. Yellow lines indicate average local orientation of the filaments. (d). Autocorrelation
function of actin orientation, A(r). Solid colored lines represent the exponential expression ae−r/b + c,
fited to the data. Dashed lines represent the tangents to the fited curves at r = 0. Their intercept
with x-axis gives the auto-correlation length-scales, which are 8, 21, and 30 µm respectively for 9, 43,
and 85 nNµm−1 substrates. Data was obtained from 44, 30, and 32 cells for 9, 43, and 85 nNµm−1
substrates respectively. Error bars indicate standard deviations from the mean. First published in
Gupta et al. [251].
of ibroblast cells in tissues like cartilages (E ≈ 21 kPa [95]), and in ibrotic wounds [289].
Thus, these cells might undergo an isotropic-to-nematic phase transition in physiological
environments as well.
The inite-size efects are very important at the cell-scale, and some expected features of
second-order phase transitions, such as power decay of correlation functions, could not be
directly tested. However, we did ind that the correlation length of the local order parameter
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increases with substrate stifness (Fig. 3.7), which indicates the increasing size of locally-
ordered microdomains of actin ilaments as observed experimentally.
Also, the order parameter for force vectors, Sσ , shows similar change with substrate
stifness k since Sσ ∝ S (Fig. 3.6 f). The model also predicts that the average force exerted on




which agrees well with observations (Fig. 3.6 g), and predicts that ⟨F⟩ will saturate to≈ 9 nN














ωζ 2+γ(ρ0−ρc) , and c2 =
2γζ (ωζ 2−γρc)+ρ0µζ ′3
ωζ 2+γ(ρ0−ρc) . After itting to the experimental
results, this expression suggests that the mean energy is maximum for a soft substrate
(Fig. 3.6 h).
So far, I had shown our analysis of the steady-state properties of the cytoskeleton. In
a irst approach to model the dynamics of the system, we assumed that the actin ilament





3.4 Conclusion and Discussion
Figure 3.8 | Theoretical fit for traction force rates. Rate
of increase of traction force with substrate stifness, as shown
in Fig. 2.14. The red curve is the theoretical fit using Eq. 3.29
with c2ρ
2
o = 0.87 and 2χζ = 11.49 (obtained as a fit param-
eter for Eq. 3.24). represent the mean values; box ends
represent the first and third quartiles of the data; whisker
ends represent the last data within 1.5 IQR.
















where ρs is the saturating density in the cell, given by Eq. 3.18, and A is a constant. This
implies that ρ = cρs














where c1 and c are constants. At t = 0, this simpliies to
∂ ⟨F⟩
∂ t = c2ρ
2










This expression its to the experimentally observed rates of force increase as a function of
substrate stifness (Fig. 3.8).
3.4 Conclusion and Discussion
In the above sections, I have described the theoretical model that we developed to under-
stand how actin cytoskeleton can directly respond to ECM stifness, and hence play a major
role in large-scale mechanotransduction. We used theoretical formulations based on liquid
crystal theory and active gel theory to model the actin cytoskeleton as an active nematic
gel. Critically, based on our experimental results, we assumed that the gel will show viscous
behavior on a soft substrate and elastic behavior on a stif substrate. The viscous behavior
of the nematic gel could describe the observed lows and orthoradial organization of actin
109
Actin cytoskeleton behaves as an active nematic gel
Actin Density
Active Stress
Cellular Strain Actin Organization
Substrate 
Stiﬀness
Figure 3.9 | Graphical summary of the theoreticalmodel. Actin cytoskeleton undergoes isotropic-
to-nematic phase transition on stifer substrates, that is governed by the density of actin filaments
within the cell. There is a feedback loop between actin filament density, their organization, active
stresses and cellular strain that is regulated by the substrate stifness. Thus actin cytoskeleton can
adapt to substrate stifness by undergoing a phase transition, and hence play a role in large-scale
mechanotransduction.
ilaments on soft substrates. On the stif substrates, the elastic nematic gel-like behavior of
the actin cytoskeleton could explain reorganization of actin cytoskeleton with increasing
order. Importantly, the theoretical model predicted a substrate stifness-dependent isotropic-
to-nematic phase transition in actin cytoskeleton organization, which was supported by our
experimental results. In our knowledge, this is the irst description of such a phase transition
for cellular actin cytoskeleton, although it had been observed in solutions of actin ilaments
earlier [268, 269]. Thus, we conclude that the substrate stifness could act like an external
ield that may induce a phase transition in the active-nematic-gel-like actin cytoskeleton,
leading to a change in its contractility, and hence cellular traction forces.
The isotropic-to-nematic phase transition predicted by the theoretical model is governed
by the density of actin ilaments (f-actin) within the cell (Fig. 3.9). The model predicts that
as the substrate stifness increases, f-actin density would also increase, reaching a critical
value over which the nematic order appears and the stress becomes anisotropic. Importantly,
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the model shows that the stif substrates would lead to lower compressive strains in the
cytoskeleton (observed experimentally as smaller substrate displacement) and increased f-
actin density in the cells, which is a property of active systems only. On soft substrates, the
contractile force of molecular motors would be dissipated by the sliding of actin ilaments
because the soft substrates cannot provide enough resistance. Hence the ilaments would
be under lower tension on soft substrates with higher strains compared to the case when
cells are on stif substrates which can resist the sliding of the ilaments and produce smaller
strains. The strain-dependent tensile state of the actin cytoskeleton may change f-actin
density by regulating actin ilament dynamics at the molecular scale Ð for higher stifness,
strains will be lower and hence tension higher, which would lead to higher polymerization
rates and lower depolymerization rates [66, 68, 183, 247]. Thus, the coupling between the
actin ilament ordering and substrate stifness predicts an isotropic to nematic transition
of actin cytoskeleton organization: below a critical stifness the actin cytoskeleton would
remain disorganized and isotropic, and above it, the cytoskeleton would become increasingly
organized as the substrate stifness in increased. This process could be on the time scale
of 10s of minutes to a few hours (Fig. 3.6 k-m). Actin ilament density has previously been
observed to increase with substrate stifness [233], and in fact increasing actin density in cells
on soft substrates can change their behavior to that for cells on stif substrates [290]. Thus,
the theoretical model, that is based on experimental observations, provides a mechanism by
which actin cytoskeleton can play a direct role in large-scale mechanotransduction.
Although our model could explain the substrate stifness-dependent reorganization of
actin cytoskeleton, it has several limitations. First, it cannot explain the transition in cell
rheology from a luid-like behavior on soft substrates to a solid-like behavior on stif substrates.
Based on our experimental observation, we had simply assumed that the relaxation time
scale of actin cytoskeleton changed with substrate stifness and discussed the viscous and
elastic regimes separately. This transition in rheology would most likely depend on the
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binding ainities of actin ilament cross-linkers, and further work is required to understand
their role in the transition. Also, our model did not take into account the activity of FAs,
which were modeled as passive connections between actin cytoskeleton and the substrate.
The transition in rheology could also be related to the dynamics of FAs on soft and stif
substrates. On soft substrates FAs are short-lived [62], which implies a low-friction with the
substrate. Since FAs serve as mechanical links between actin cytoskeleton and the underlying
substrate, this low friction would favor actin lows in response to contractile stress in cells.
This, in turn, could contribute to destabilizing FAs, and more generally cross-linked actin
structures, leading to a small viscoelastic timescale τ . In contrast, solid-like behaviour on
stifer substrates implies longer relaxation times, suicient to promote FA assembly and more
generally to stabilize cross-linked actin structures, consistent with a longer τ . This suggests
that actin remodelling through force generation and FA assembly could involve a feedback
loop that drives rigidity mechanosensing. Thus, coupling between the actin cytoskeleton
and FA dynamics could provide a better picture of coordination between small-scale and
large-scale mechanotransduction.
Second, we had quantiied the actin cytoskeleton organization by averaging the order
parameter over the entire cell, following Zemel et al. [67]. This mean-ield approach allowed
us to disregard presence of any topological defects in the organization of actin cytoskeleton Ð
the defects occur at points where there is a sudden change in actin ilament alignment, such
as microdomain boundaries. However, these defects are associated with points of high energy
[270] and might have a bearing on the actin organization. Thus, an approach that accounts
for them by not averaging the order parameter over the entire cell might prove useful.
Besides the topological defects, our approach also did not take into consideration the efect
of cell boundaries on actin organization. The Landau-De Gennes free energy expression that
we used is valid only in the bulk of the LC and disregards any efect due to boundaries which
are efectively considered at an ininite distance. However, cells are inite-sized and their
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edges could play a role in determining actin organization at the boundaries. I will discuss our





Actin cytoskeleton adapts to ECM
stifness and geometry
In this chapter, I will present our study into the efects of both ECM stifness and geometry
in determining actin cytoskeleton organization. First, I will present the technique that we
used to control the ECM geometry and ECM stifness simultaneously. I will then present our
results on the relative efects of ECM geometry and stifness in determining actin cytoskeleton
organization.
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4.1 Introduction
Besides the ECM stifness (as discussed in previous chapters), its geometry is also an important
regulator of cellular functions. ECM geometry determines cell morphology (for example, cell
area, aspect ratio and shape), which modulates various cellular processes such as proliferation
and apoptosis [291, 292], division [248], migration [293ś295], polarization [296, 297], and even
afects gene expression [298] and stem cell diferentiation [299]. The underlying mechanisms
for cell morphology-mediated regulation of cellular functions are thought to depend on focal
adhesion (FA) distribution and dynamics, along with cellular traction forces [300ś303], but a
clear picture is yet to emerge.
Cell morphology is also correlated with ECM stifness, besides being determined by
ECM geometry [60, 162, 235]. As shown in the previous chapters, we had found that the
cells are circular on soft substrates, and get increasingly elongated as the substrate stifness
increases (Fig. 2.4 on page 65 and Fig. 2.5 on page 67). Also, the actin ilament organization
appeared to follow the contours of the cell shape (Fig. 2.5 a-d), and cell shape dependent
actin ilament organization has been shown previously as well [296]. This suggests that
the actin cytoskeleton mediated large-scale mechanotransduction processes, that determine
cellular adaptation to ECM stifness at cellular scale, could also be dependent on the cell
morphology. Thus, it is important to understand the relative roles of ECM geometry (that can
determine cell morphology) and stifness in regulating actin cytoskeleton organization, and
hence large-scale mechanotransduction.
Until now, the interaction between ECM geometry and stifness in determining actin
cytoskeleton organization has not been paid much attention. ECM geometry can determine
the cell shape and cell boundaries can afect actin cytoskeleton organization close to them.
Also, based on our observations presented in the previous chapters, it seems that the ECM
stifness can determine the actin organization in the bulk of the cells. Thus, we hypothesized
that there might be a competition between the ECM geometry (or cell shape) and ECM
116
4.2 Methods
stifness in determining actin cytoskeleton organization. Which of the two factors dominate
in determining actin cytoskeleton organization and hence cellular response, may have an efect
on mechanotransduction. Thus, we conducted a study to understand how actin cytoskeleton
organization changes with diferent combinations of ECM stifness and geometry, and how
that changes cellular contractility which was measured as cellular traction forces. Here, I will
present the techniques we used and discuss the obtained results.
4.2 Methods
In order to study the efect of ECM geometry on actin cytoskeleton organization, we used
micro-contact printing to deine the geometry of cell adhesive regions onmicropillar substrates.
We used geometries or shapes that appear like a teardrop, or an ice-cream cone, to mimic
a migrating ibroblast cell, with an established front-rear polarity [295, 297] (Fig. 4.1 b).
The shapes were named circle, cone120, cone60 and cone30, where ‘cone’ refers to their
resemblance to an ice-cream cone, and the numbers refer to their apex angle (see Appendix D
for the list of dimensions). The changing apex angle was used to have diferent polarity or
aspect ratio for the cone shape. All the shapes had the same area (~3000 µm2) that was smaller
than the area of cells not conined to any geometry (Fig. 2.4 a), so that the cells could cover the
ECM geometry fully. Also, in order to simultaneously see the efect of ECM stifness, we used
micropillar substrates of stifness 9, 38 and 85 nNµm−1 to mimic very soft, intermediately
stif and very stif ECM respectively.
4.2.1 Patterned printing of ibronectin on micropillar substrates
We used micro-contact printing to transfer the ECM protein ibronectin in the four shapes on
the micropillar tops. The method used was similar to the one described in Sec. 2.2.1 on page 57,
with two key diferences. First, instead of a lat stamp, we used stamps with the designed
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shapes extruding from the stamp surface; only the surface of the extruded shapes made contact
with the micropillar tops when the stamp was placed on them, thus transferring ibronectin
onto the micropillar tops only within that shape (Fig. 4.1 a). Second, instead of immersing the
substrates in 0.2 % Pluronic solution immediately after removing the stamps, we added 2 %
Pluronic solution 12 hours after removing the stamps. This helped in preventing micropillar





Figure 4.1 | Paterned printing of cell adhesion protein onmicropillars. (a) Schematic showing
micro-contact printing of cell adhesion protein (fibronectin) in paterns. Stamps with extruded paterns
were used. (b) Fluorescence images (inverted) of micropillar tops with fibronectin paterned in diferent
shapes of similar area. Scale bar, 10 µm.
4.3 Results and Discussion
4.3.1 ECM stifness dominates over ECM geometry in determining
actin cytoskeleton organization
We found that the actin cytoskeleton organization depended on both the ECM stifness and
geometry, although ECM stifness had a more dominating efect. Cells conined to each shape
showed a varied actin cytoskeleton organization, and we classiied the diferent organizations
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into 3 or 4 categories for each shape, and quantiied the percentage of cells on a particular
substrate stifness that belonged to each category (Fig. 4.2 on the next page). Fig. 4.2 a-n
represent typical actin ilament organization for each class, which are labelled as A-1 (red),
and B-1, B-2 and B-3 (diferent shades of green). A-1 represents the classes for which the
cells had almost no stress ibers, and the ilaments were mostly organized as thin and curved
bundles along cell edges (Fig. 4.2 a-d). This class of actin ilament organization was the
most prominent one on the soft substrate (>65 % cells on 9 nNµm−1), and even the high
polarity shapes did not have any signiicant efect (Fig. 4.2 o-r). The classes B-1, B-2 and B-3
represent actin cytoskeleton organization where prominent stress ibers were organized in
diferent conigurations, and these classes were the most prominent ones on stif substrates
(>65 % cells on 38 and 85 nNµm−1), irrespective of the cell shape (Fig. 4.2 o-r). B-1 represents
classes where both curved bundles of actin ilaments and stress ibers coexist, with the curved
bundles localized to the cell boundaries with curvature, and stress ibers localized either in
the middle of the cell or at the straight boundaries (Fig. 4.2 e and f). B-2 represents classes
for which stress ibers were organized in locally-ordered micro-domains, and curved bundles
were very minimal (Fig. 4.2 g-j). These classes were dominant on the intermediately stif
substrates (38 nNµm−1; Fig. 4.2 o-r), as observed for unconined cells (Fig. 2.5 on page 67). B-3
represents classes where stress ibers were all aligned in the same direction, being ordered at
the cellular scale (Fig. 4.2 k-n), and were most prominent on the stifest substrate (85 nNµm−1;
Fig. 4.2 o-r). On average, stress ibers were shorter for B-1 and B-2 compared to B-3. The
relative percentage of the various classes did change with cell shape, but substrate stifness
determined the dominant phenotypes. The substrate stifness dependent change in actin
ilament organization shown here is contrary to a previous report for cells conined to circular
geometries [303].
In order to quantify actin cytoskeleton global order, we calculated its order parameter as
described earlier (see Sec. 3.2.1 on page 99). We calculated the order parameter for the whole
119































































Figure 4.2 | Actin cytoskeleton organization depends on ECM stifness and geometry. (a-n)
Representative fluorescence images (inverted) of actin filaments (labelled with phalloidin) inside cells
seeded on micropillar substrates, with shapes as indicated. The diferent images for a particular shape
are representative of a class in which cells have similar actin organization. The classes are represented
by the diferent colors on top; red indicates class with minimal stress fibers (A-1), while shades of
green indicate classes with diferent degrees of stress fiber organization (B-1, B-2 and B-3). Scale
bars, 10 µm. (o-r) Percentage of cells on micropillar substrates of stifness 9, 38 and 85 nNµm−1 that
belonged to the diferent actin cytoskeleton organization classes, as indicated by color bars on top of
the images in (a-d). ‘n’s indicate the the number of cells analysed.
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Figure 4.3 | Distribution of actin filament order parameter. (a and b) Distribution of actin
order parameter for unconfined cells and cells confined to the diferent shapes, grouped according
to shape (a) and substrate stifness (b). (c) Distribution of actin filament order parameter for only
the triangular part of the cells, grouped according to the apex angle θ . ‘n’ indicates the number of
cells analysed. represent the mean values. The violin plots show the probability density of the data.
Box ends represent the first and third quartiles of the data, and whisker ends represent the last data
within 1.5 IQR. P-values were calculated using Mann-Whitney U test. ∗, P < 0.02; ∗∗, P < 0.002;
∗∗∗, P < 0.0002; ∗∗∗∗, P < 0.000002.
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cell and grouped the resulting distributions according to cell shape and substrate stifness
to understand the efect of each (Fig. 4.3 on the preceding page). We found that for almost
each cell shape, the average order parameter increased with substrate stifness (Fig. 4.3 a).
Also, for a particular stifness, the order parameter was largest for the most polarized shape
(cone30), and smallest for the circular shape (Fig. 4.3 b). This indicated that the cell shape does
inluence actin cytoskeleton organization, but its efect is not as much as that of substrate
stifness. The efect of substrate stifness was clearer when only the triangular region was
considered, to disregard the efect of the curved boundary for the shapes (Fig. 4.3 c).
4.3.2 Traction forces depend on both ECM stifness and geometry
Since cell traction forces quantify (indirectly) the cellular contractility, which is an important
regulator of mechanotransduction, we measured the traction forces for the diferent ECM
geometries and stifness. We plotted average spatial distribution of cell traction forces, and
found that the spatial distribution of forces depended on the cell shape and not on the substrate
stifness (Fig. 4.4 on page 126) Ð for the circle shape, the force vectors were distributed radially,
while on the other polarized shapes, the force vectors were distributed such that they formed
a force dipole with the forces localized at the shape ends. For the circular shape, the force
vectors at cell edge were pointing radially inwards, while those close to the nucleus were
pointing radially outwards (Fig. 4.4 a-c). This could not be due to the presence of short
radial actin ilaments spanning from cell edge to the nucleus as we did not observe such
an organization of actin ilaments (Fig. 4.2). The radially outward pointing vectors on the
stif substrates (38 and 85 nNµm−1) could possibly be because of stress ibers going over the
nucleus and hence deforming it and pushing it into the substrate; substrate stifness dependent
deformation of nucleus has been shown earlier [304]. The pushing of the nucleus into the
substrate would lead to micropillars under the nucleus being delected radially outwards, and
hence radially outward pointing force vectors. We need to do further experiments to test
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this hypothesis. Also, most of the forces for the cone-like shapes were either localized at the
curved edge and triangle vertex (for cone60 and cone30; Fig. 4.4 d-i), or at the two opposing
vertices along the major axis of the shape cone120 (Fig. 4.4 j-l). The distribution of forces for
the shape cone120 was reminiscent of that for migrating keratinocytes which have a similar
shape [305]. Such distributions of traction forces can be resolved into force dipoles oriented
along the major axis of these cone-like shapes. Previously, it had been suggested that cells
may sense their geometry by exerting the largest forces at farthest distance from their centre
[301]. Force dipoles observed here support this idea.
Also, the magnitude of micropillar displacement and the force exerted on them did not
depend on the cell shape, but depended on the substrate stifness (Fig. 4.5 on page 127). We
found that the micropillar displacement decreased with substrate stifness and did not seem
to change much with cell shape (Fig. 4.5 a). The force per pillar increased with substrate
stifness for unconined cells and for cells conined to the circular shape (Fig. 4.5 b). For the
conical shapes, the forces were lower on the softest substrate (9 nNµm−1) compared to the
stifer substrates (38 and 85 nNµm−1), and plateaued on the stif substrates. Also, for the
same substrate stifness, there was not much variation in the mean of the force with cell
shape. Mean values, averaged for unconined and the diferent cell shapes per stifness, were
3.4±0.9 nN for 9 nNµm−1, 8.6±1.7 nN for 38 nNµm−1 and 9.6±1.1 nN for 85 nNµm−1.
Thus, the traction forces exerted by cells on their ECM depend on both the ECM geometry
and stifness Ð ECM geometry determines the spatial distribution of the force, and ECM
stifness determines the magnitude of the force. This suggests that the overall level of cellular
contractility (or myosin activity) depends on the ECM stifness, which would result in higher
traction forces on stifer ECM, and that the ECM geometry may determine where those forces
are distributed inside the cells by controlling cell shape.
123





























































































































Figure 4.4 | Spatial distribution of traction forces. Average distribution of traction force vectors
for cell with shapes circle, cone30, cone 60 and cone120, and adhered to micropillar substrates of
stifness 9, 38 and 85 nNµm−1. Each distribution was obtained by averaging data from 27 to 38 live
cells. Each vector corresponds to force on one micropillar and color bars indicate forces in nN.
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a
b
Figure 4.5 | Distribution of pillar displacement and traction force magnitudes. Distribution
of micropillar displacement (a) and force magnitude per micropillar (b) for unconfined cells and cells
confined to the diferent shapes. The cells were adhered on micropillars of stifness 9, 38 and 85
nNµm−1, as indicated in the legend. ‘n’ indicates the number of pillars per distribution. Atleast 30
cells were analysed for each distribution. represent the mean values. The violin plots show the
probability density of the data. Box ends represent the first and third quartiles of the data, and
whisker ends represent the last data within 1.5 IQR. The distributions for diferent substrate stifness
and the same shape were statistically diferent, with P < 1.0×10−27. P-values were calculated using
Mann-Whitney U test.
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4.3.3 Strain energy depends on both ECM geometry and stifness
We also quantiied the strain energy stored in the substrate, which is a measure of the work
done by cells in deforming the substrate, or the contractile energy expended by cells in
deforming the substrate. We found that the cells expended more contractile energy at their
boundaries (Fig. 4.6 on page 130) Ð for the circular shape, strain energy was highest all along
the circumference, and for the cone-like shapes, the strain energy was highest at the curved
part of the boundary and the corners.
The total strain energy stored by a cell in its underlying substrate depended on both the
cell shape and substrate stifness (Fig. 4.7 on page 131). For all the cell shapes, the strain energy
was the highest for the intermediate stifness substrates (38 nNµm−1), while it was lower on
both the softest (9 nNµm−1) and the stifest substrate (85 nNµm−1) (Fig. 4.7 a). This suggests
that when cells are conined to the same area, they expend the highest contractile energy on
a substrate of intermediate stifness. However, the unconined cells, whose area and shape
was not controlled, stored equally high strain energies on the 9 nNµm−1 and 38 nNµm−1
substrates, and lower strain energy on 85 nNµm−1 substrates. The strain energies due to
circular cells were among the lowest, irrespective of the substrate stifness. Also, there was
no signiicant diference in the strain energies for unconined and cone-like cells on the
38 nNµm−1 substrates, and the strain energy for unconined cells was signiicantly higher
compared to cells conined to shapes on 9 nNµm−1 substrates (Fig. 4.7 b). The diference in
the strain energies of the circular and the cone-like shapes was contrary to the observations
by Oakes et al. [303], who found that the strain energy depended only on the cell area and
not on cell shape. The diference could be due to the diferent substrates used Ð we used the
discontinuous micropillar substrates, while they had used the continuous PAA gel substrates.
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Figure 4.6 | Spatial distribution of substrate strain energy. Average distribution of the elastic
energy stored in the substrates by cells with shapes circle, cone30, cone 60 and cone120, and adhered to
micropillar substrates of stifness 9, 38 and 85 nNµm−1. Each distribution was obtained by averaging
data from 27 to 38 live cells. Each coloured hexagon represents one micropillar and color bars indicate
energy in pJ.
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Figure 4.7 | Distribution of substrate strain energy. Distribution of the elastic energy stored
by a cell in the substrate, grouped according to the cell shape (a) and substrate stifness (b). ‘n’
indicates the number of cells per distribution. represent the mean values. The violin plots show
the probability density of the data. Box ends represent the first and third quartiles of the data, and
whisker ends represent the last data within 1.5 IQR. The distributions for diferent substrate stifness
and the same shape were statistically diferent, with P < 1.0×10−27. P-values were calculated using




In the preceding sections, I have presented our study to understand how ECM stifness and
geometry both can afect actin cytoskeleton organization. We used micro-contact printing
to pattern adhesive islands of four diferent shapes on micropillar substrates of diferent
stifness. We found that although the actin cytosketon organization is afected by both ECM
geometry (or cell shape) and ECM stifness, the stifness has a more dominating efect in
determining the organization. We found that on the soft substrate most of the cells did not
have prominent stress ibers and had thinner bundles of actin ilaments closer to the cell
edge. This was true even for cells with polarized shapes and high aspect ratio. On the stif
substrate, most of the cells had prominent stress ibers that were present in the bulk of the cell.
Quantiication of actin ilament alignment in terms of an order parameter also revealed that
the ilaments got aligned as the stifness increased, even for the circular shape. The traction
force measurements suggested that the ECM geometry and stifness might be playing diferent
roles Ð ECM geometry determined the spatial distribution of the forces while ECM stifness
determined the magnitudes of the forces. This suggests that cells might be using the spatial
distribution of forces to sense their shape and the magnitude of the forces to sense substrate
stifness. We found similar results for the substrate strain energy that gives a measure of
cellular contractile energy. Taken together, our observations indicate that the ECM stifness
dominates over ECM geometry in determining actin cytoskeleton geometry. This suggests
that the elongation of cell shape with increasing ECM stifness might be a consequence of
actin ilament alignment.
In a future study, we intend to adapt out theoretical model (presented in chapter 3) to take
into account the efect of cell boundaries. The irst approach could be to include an anchoring
angle of actin ilaments with the cell boundaries. For example, at the leading edge of a cell,





Cells receive both biochemical and mechanical signals from their surrounding ECM. It is
well established now that besides the biochemical signals, the mechanical signals also play
an important role in tissue development and homeostasis. Among the mechanical signals,
the ability of cells to sense ECM stifness is very critical and its disruption can lead to
several diseases. As I have discussed in chapter 1, although several mechanisms have been
proposed (mostly based on FAs), the process by which cells sense ECM stifness, called
mechanotransduction, is still not well understood. In this thesis, I have presented our work
that provides evidence that the actin cytoskeleton can act as a mechanotransducer that can
sense the ECM stifness at a large or cellular scale. We believe that it may complement
the small-scale mechanotransducers like FAs. Our observations and theoretical modeling
suggest that the actin-mediated mechanotranduction could be driven by direct adaption of
actin cytoskeleton rheology and organization to ECM stifness. Also, we found that the
organization of actin cytoskeleton depended more on the ECM stifness compared to the ECM
geometry.
We used micropillar substrates of diferent stifness for our study in order to mimic ECM
of varying stifness but the same biochemical properties. The micropillar substrates also























Figure 5.1 | Evolution of cell rheology and actin organization with substrate stifness. As the
substrate stifness inceases, the large-scale order of actin filament alignment also increases. On sot
substrates, actin cytoskeleton shows viscous behaviour, whereas on stif substrates it shows elastic
behaviour. On stif substrates, as the stifness increases, the cytoskeleton undergoes an isotropic to
nematic phase transition.
and provided a measure of cellular response. In chapter 2, I presented our observations that
the rheology and the organization of the actin cytoskeleton adapted to the substrate stifness
(Fig. 5.1). We found that on the soft substrates, most of the cells have a circular morphology
with centripetal lows of actin ilaments. These cells showed a luid-like behavior. On the
stif substrates, the actin cytoskeleton was organized into microdomains of stress ibers,
which increased in size as the substrate stifness increased, inally leading to elongated cells
with most of the stress ibers aligned in the same direction. Also, the cells showed a more
solid-like behavior on the soft substrates. We believe that this luid-to-solid transition of
actin cytoskeleton in response to substrate stifness could be a mechanism for them to sense
the stifness of the substrate. The transmission of forces to the substrate would not be very
efective for a luid cytoskeleton as the acto-myosin contractile energy would be dissipated
due to sliding of actin ilaments. The dissipation would be much lower in a more solid-like or
elastic cytoskeleton, leading to an efective transmission of cellular forces.
In chapter 3, I presented the theoretical model that we developed and which suggested a
mechanism by which actin cytoskeleton may directly adapt its organization in response to
ECM stifness. We proposed that actin cytoskeleton may behave like an active nematic gel
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that could undergo an isotropic-to-nematic phase transition that depends on the substrate
stifness. The model proposed that there might be a feedback loop between actin ilament
density, organization, and intracellular strain, which would be dependent on the substrate
stifness. Importantly, the model predicted that the actin ilament density would be the driver
of the phase transition, with the transition occurring at a critical density. The predictions
of the model for traction forces and actin cytoskeleton organization were supported by the
experimental data. I would like to note that the myosin-based activity of the nematic gel is
critical for the predicted adaptation of actin cytoskeleton to substrate stifness, and would not
be true for passive nematic gels.
The transition in actin cytoskeleton organization could have implications in vivo. During
the development of a vertebrate embryo, stifness of the embryonic heart increases as it
develops into an adult heart [24]. The increase in stifness is critical for optimal beating of
the heart. The optimal beating is also correlated with a transition in the actin cytoskeleton of
the cardiomyocytes from an isotropic organization to a nematic organization at the optimal
stifness [24]. Also, during the development of a drosophila embryo, there is a transition in
the actin organization of the follicular epithelial cells in the egg chamber [224]. The actin
ilaments in all those cells align in a direction perpendicular to the major axis of the egg.
This transition in actin ilament organization is critical for the elongation of the egg chamber
which is important for normal development of the embryo. Thus, the ECM stifness dependent
phase transition in actin cytoskeleton that we have described could be important in vivo.
Finally, in chapter 4, I presented results from our study to understand the interactions
between ECM stifness and ECM geometry. By providing the cells with adhesive areas of
diferent shapes on micropillars of diferent stifness, we observed that the substrate stifness
has a more dominating efect compared to substrate geometry (or cell shape) in determining
the organization of actin cytoskeleton. Based on our observations, we hypothesize that the
cell boundary (a result of ECM geometry) may determine the actin organization close to itself,
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Figure 5.2 | Step change in substrate
stifness. Micropillar substrates with mi-
cropillars of diferent heights but same di-
ameter can provide a step change in stif-
ness formigrating cells without any change
in topography or ECM protein density.
while the ECM stifness may determine the organization in the bulk of the cell. In a future
study, we plan to test this hypothesis experimentally and incorporate in our theoretical model.
Our experimental and theoretical results suggest a large-scale mechanism for how the actin
cytoskeleton can act as a sensor of ECM stifness by adapting its rheology and organization.
However, we do not have a clear picture of what could be driving the adaptation at the
molecular scale. We suggested in our model that increasing actin ilament density may
lead to reorganization of the actin cytoskeleton, but the molecular details are not clear. We
propose that the transition in the rheology and organization that we observed could be
driven by changes in actin ilament crosslinker activity and density, as I had discussed in
Sec. 1.4.2. The increased crosslinker density could lead to an increase in actin ilament density
locally. Also, actin cytoskeleton comprises of both passive crosslinkers (α-actinin, ilamin,
imbrin) and active crosslinkers (myosin II), whose binding activity is known to be tension
dependent and can lead to luidization of actin cytoskeleton [237, 242]. Thus, the ratio of
these passive and active crosslinkers might also determine the rheology and organization
of the actin cytoskeleton. Recently developed mutants of these crosslinkers (with diferent
binding activities) [244, 246] could also be good tools to explore how crosslinker activity can
depend on ECM stifness and determine adaptation of actin cytoskeleton in cells.
One of the unanswered questions regarding actin cytoskeleton mediated mechanotrans-
duction is how long does it take for the cytoskeleton of a migrating cell to reorganize on
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encountering an ECM of a diferent stifness. Also, it is not clear if the local change in ECM
stifness leads to adaptation of actin cytoskeleton at the whole cell level or just the local
level. Micropillar substrates could be very good tools to address these questions since step
changes in stifnesse can be created using them, thus providing a large change in stifness
over a very short distance (an order of magnitude lower than cell size) to a migrating cell.
Similar step changes in stifness are not possible for PAA gels because of strain propagation,
and previous attempts on micropillars introduced changes in topography and ECM protein
density as well [69]. We were able to develop a technique to fabricate micropillars substrates
with step changes in stifness (Fig. 5.2) but have been unable to achieve stifness close to
1 kPa due to technical di culties. In future studies, we plan to further adapt our techniques
to enable fabrication of very soft micropillars resulting in step changes in stifness that are
physiologically relevant.
In conclusion, our work provides evidence that actin cytoskeleton could directly sense the
ECM stifness by adapting its rheology and organization, which we propose may be dependent
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Methods used for micropillar substrates 1
In this appendix, I will describe the methods I used for preparing the micropillar substrates from silicon
wafers and characterizing them.
A.1 Silanization of silicon wafers
Before using the silicon wafers, I silanized them to prevent binding of PDMS to silicon. I used diferent
silanes and protocols for wafers with low and high aspect ratio micropillars.
Protocol for low-aspect ratio micropillars:
1. Rinsed the silicon wafer with isopropanol to remove any organic residues.
2. Exposed the silicon wafer to oxygen plasma for 1 min in plasma cleaner (Harrick, PDC-002).
3. Placed the silicon wafer besides a chemical cup inside a vacuum desiccator (Jencons Leighton,
250-028). Added 2-3 drops of trichloro(1H,1H,2H,2H-perluoro-octyl)silane (Sigma Aldrich,
448931) to the cup and seal the desiccator.
4. Degassed the desiccator for 20 min, and then closed its inlet valve for 2 h to let the silane deposit
on the surface of the silicon wafer.
5. Gently opened the desiccator valve to release the vacuum seal, and stored the silanized wafer in
a clean and dry environment. Neutralized the silane by adding water to the chemical cup and
disposed it in a chemical waste container.
Protocol for high-aspect ratio micropillars:
1. Rinsed the silicon wafer with isopropanol to remove any organic residues.
2. Exposed the silicon wafer to oxygen plasma for 1 min in plasma cleaner (Harrick, PDC-002).
3. Immersed the silicon wafer for 2 min in a 1:1000 (v/v) solution of the luorinated-organosilane
OPTOOL™DSX (Daikin, Japan) and the solvent perluorohexane (Alfa Aesar).
1Parts of this appendix were irst published in Gupta, M. et al. Micropillar substrates: a tool for studying
cell mechanobiology. Methods Cell Biol., 125:289ś308 (2015).
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4. Removed the wafer from the solution and kept it in a humid environment at 80° for at least 1 h.
A water bath was used.
5. Immersed the silicon wafer in pure perluorohexane for 10 min to wash of any free silane.
Stored the silanized wafer in a clean and dry environment.
A.2 Preparation of micropillar substrates
1. Prepared uncured PDMS by mixing PDMS base prepolymer and curing agent in a ratio of 10/1
(w/w). Used Sylgard 184 from Dow Corning.
2. Degassed the uncured PDMS in a vaccum chamber for ~15 min. Then poured it on the silanized
silicon wafer such that all the relevant patterns were covered by ~1 mm thick layer of PDMS,
and degassed again for ~15 min.
3. Cured the PDMS by baking it in an oven at 80 ◦C for 2 h. to obtain a Young’s modulus of 2 MPa.
4. Removed the wafer from the oven and let it cool down. Then, gently peeled of the cured
PDMS from the wafer, using a pair of tweezers. Cut the obtained PDMS sheet to get individual
micropillar substrates.
A.3 Characterization of micropillar substrates
I characterized the stifness of micropillars for each substrate used before using them. I used Finite
Element Method (FEM) to compute the stifness of micropillars of given dimensions (Table A.1). I used
a scanning electron microscope ((JEOL JSM 6010LV SEM) to image micropillars at nanometre-scale
resolution and then measured their dimensions.
Finite Element Method:
I used the commercially available FEM software package Abaqus v6.12-2 (Dassault Systèmes Simulia
Corp., USA) to develop a FEM model of micropillars and solve for its deformation under applied forces.
· Model geometry: A cylinder with diameter and height as obtained for micropillars (see Table A.1)
was placed on top of a bigger cylinder (diameter, 8 µm; height, 6 µm) to mimic a micropillar
standing on its underlying deformable substrate (see Fig. 2.2 b). The dimensions of the bigger
cylinder were chosen such that substrate strains were well within its boundaries.
· Material model: PDMS was modeled as a neo-hookean hyperelastic material with material
coeicients C10 = 1/3 and D1 = 0 (for Young’s modulus E = 2 MPa, and poisons’s ratio ν = 0.5
assuming incompressibility). A neo-hookean model was shown to best describe the mechanical
properties of PDMS 2.
· Stress/strain elements: C3D20RH elements, that are built into Abaqus to describe stress-strain
equations, were used. These elements are hexahedral-shaped 3D continuum elements, with 20
nodes (one for each corner and edge of a hexahedron) that use quatratic interpolation to calculate
variables in between nodes and reduced integration to integrate them over the element volume.
These elements have 3 degrees of freedom at each node, corresponding to node displacement.
Large displacement theory was used with non-linearity in geometry taken into account.
2Kim T.K., Kim J.K. and Jeong O.C. Measurement of nonlinear mechanical properties of PDMS elastomer.
Microelectronic Engineering, 88(8), pp.1982-1985 (2011).
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A.4 Functionalization of micropillar substrates
Substrate Diameter (µm) Height (µm) Stifness (nN/µm)
mean std mean std EB Theory FEM
A 2.21 0.06 9.01 0.12 9 9
B 2.13 0.06 6.62 0.07 21 21
C 1.92 0.06 4.60 0.07 41 38
D 2.15 0.07 5.03 0.06 50 43
E 2.13 0.06 4.33 0.10 75 58
F 1.96 0.04 3.71 0.18 84 64
G 2.12 0.08 3.62 0.06 125 85
Table A.1 | Dimensions and stifnesses of micropillars substrates I used.
· Meshing: Abaqus’s in-built mesh generator was used. Nodes were seeded at distances of
0.75 µm, 0.25 µm and 4.18 µm along the circular edges at micropillar top, bottom and bottom of
the underlying cylinder respectively.
· Boundary conditions: Fixed boundary condition (no displacement) was used for nodes at the
curved and bottom surfaces of the big cylinder underneath the micropillar. Forces, distributed
uniformly over micropillar top, were applied in steps of 10 nN for 10 steps, leading to force
variation from 0 to 100 nN.
· Model solution: Static analysis mode of Abaqus standard solver was used to obtain delection of
the node at the centre of micropillar top. For micropillar dimension corresponding to substrate
‘C’ (see Table A.1), there were 3954 elements, resulting in 69513 variables that had to be solved
for. Micropillar top displacements, corresponding to total force at each of the 10 steps, were
obtained as the inal output.
Micropillar stifness was then obtained from the slope of a linear it to the force-displacement data
for micropillar top.
A.4 Functionalization of micropillar substrates
I used micro-contact printing to selectively coat micropillar tops with ECM protein ibronectin
(Roche, 11501407001), which was irst conjugated with a luorescent far-red dye (ATTO647N, Sigma
76508, available as a kit with required bufers) to visualize it under a luorescence microscope.
Protocol for conjugation of ibronectin to the luorescent ATTO dye:
1. Dissolved 1 mg de-hydrated ibronectin in 500 µl sodium bicarbonate bufer solution (pH 9.5).
2. Dissolved the dye in 20 µl DMSO.
3. Transferred the ibronectin solution to the vial with the dye, and incubated them at 4 ◦C for 12
h, while gently stirring the vial.
4. Separated the protein-dye-conjugate from the free dye by using the gel iltration column provided
with the dye-labelling kit (Sigma, 76508). A inal concentration of 300-400 ngml−1 was obtained.
Protocol for micro-contact printing:
1. Prepare PDMS stamps using the same process as described for preparing micropillars substrates
from silicon wafers. For uniform ibronectin coating, a lat stamp was obtained by using a
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petri dish instead of a silicon wafer. Used a silicon wafer with desired geometrical features for
printing adhesion islands. Cut the PDMS stamp to size of ~5mm x 5mm.
2. Covered the stamp with 50 ml of ibronectin solution (pure ibronectin at 50 mgml−1 and
conjugated ibronectin at 25 mgml−1 in deionized water). Incubated the ibronectin solution
covered stamp for around 1 h at room temperature while protecting it from ambient light to
avoid photobleaching the dye.
3. Removed the ibronectin solution from the stamp. Rinsed the stamp with a drop of deionized
water and dried it completely in air.
4. Exposed the prepared micropillar substrates to UV ozone inside a UV ozone cleaner (UV
Ozone Cleaner - ProCleaner™ Plus, Bioforce Nanosciences) for 15 min, to make it hydrophilic
temporarily.
5. Gently placed the dried stamp on the substrate using a pair of tweezers. Incubated for ~30
seconds to enable transfer of ibronectin from the stamp to the substrate.
5. Added 0.2 % Pluronics®F-127 (Sigma, P2443) solution into the petri dish, and gently removed
the stamp. Incubated for at least 45-60 min.
6. Rinsed the substrate with PBS before adding cell culture media for cell culture on the substrate.
Due to the very soft nature of high-aspect ratio micropillars (aspect ratio > 3) which lead to their
collapse on addition of any aqueous solution, I modiied the above protocol for high aspect ratio
micropillars as follows:
1. Placed the PDMS stamp in a Plasma Cleaner for 3 min.
2. Covered the stamp with 50 ml of ibronectin solution (pure ibronectin at 50 mgml−1 and
conjugated ibronectin at 25 mgml−1 in deionized water). Incubated the ibronectin solution
covered stamp for ~20 min at room temperature while protecting it from ambient light to avoid
photobleaching the dye.
3. Removed the ibronectin solution from the stamp. Rinsed the stamp with a drop of PBS and
dried it in air.
4. Exposed the prepared micropillar substrate to UV ozone inside UV ozone cleaner for 15 min.
5. Added a drop of 100% ethanol on top of the substrate and waited till the substrate was completely
wet. Then, rinsed the substrate twice with PBS to remove any traces of ethanol and stored in
PBS.
6. Gently placed the stamp on the substrate using a pair of tweezers. Incubated for ~20 min to
enable transfer of ibronectin from the stamp to the substrate. Ensured contact between the
stamp and micropillar tops by aspirating most of the PBS, leaving only a thin layer on substrate
top.
Subsequent steps were the same as for low-aspect micropillars.
I stored the functionalized substrates, immersed in PBS, at 4° for upto a week.
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Fluorescence Imaging and Cell Staining
B.1 Experimental setup for imaging cells on micropillars
I used the interchangeable coverslip dish (ICD) from Bioptechs Inc for preparing micropillar substrates
for imaging, such that the substrates were in an upside-down coniguration. The ICD is a 35mm
diameter autoclavable and reusable culture dish made of a stainless steel ring into which a 30mm
glass coverslip is placed and retained by a leak-proof, silicone o-ring seal integrated into a 10mm high
polycarbonate threaded insert. The steps for preparation as as follows (Fig. B.1):
1. Take a 30mm glass # 1.5 coverslip. Make it hydrophilic by treating with O2 plasma using a
plasma cleaner (Harrick, PDC-002). Cut three strips of lat PDMS (~10x2 mm) from around the
micropillar substrate and place them close to the coverslip edge. Place the micropillar substrate
in the center of the coverslip such that the three PDMS strips surround the substrate. The PDMS
strips and micropillar substrate surfaces would be at the same height from the coverslip.
2. Cut thin strips (~10x2 mm) of 0.015" thick silicon membranes (Specialty Membranes Inc., USA)
and place them on top of the three PDMS strips surrounding the substrate. The combined silicon
membrane and PDMS strips would act as spacers for the substrate.
3. Proceed with the functionalization of the substrate and seeding of the cells as described in
Appendix 1.
4. Coat the bottom rim of the stainless steel ring of the ICD with silicone grease (ACC Silicones,
SGM494) and place a glass # 1 coverslip on it. Press gently on the coverslip and along the rim of
the steel rim to remove any air bubbles and ensure a perfect seal. This will prevent any leakages
of cell culture medium.
5. Add ~500 µl of cell culture media on top of the coverslip.
6. Gently place the coverslip with the substrate on top of the culture media, with the substrate
facing the media. The cells should already be adhered to the substrate.
7. Gently screw the ICD cap (polycarbonate threaded insert) into the stainless steel ring. Stop as
soon as the o-ring makes contact with the substrate-mounted coverslip.
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Figure B.1 | Process to setup micropillars for imaging.
Figure B.2 | Rupture of actin fila-
ments due to cell fixation. (a) A
REF52 cell, stained with phalloidin
(green) to label actin filaments, adhered
to micropillar substrate (magenta) of
stifness 85 nNµm−1. The cell was fixed
using 4% PFA at 37 ◦C for 20 mins. (b)
The inset in (a). Scale bars, 10 µm (a)
and 5 µm (b).
a b
8. Add 2 ml cell culture media. The substrates so setup can be used immediately for imaging.
Due to the coninement of the pillars in the setup described above, photo-toxicity is a big concern
for imaging live cells. I used an X-Cite® 120Q luorescence lamp (Excelitas Technologies) at 12.5%
power. Also, ascorbic acid may me used to reduce photo-toxicity. I found that both the lamp intensity
and cell coninement (spacer thickness) were critical for cell health.
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Appendix C
Image and Data Analysis
C.1 Calculation of micropillar delections
C.2 Calculation of actin ilament orientation
I calculated the structure tensor of luorescence images of actin ilaments to measure ilament orienta-
tions 1. I calculated the structural tensor Sw as follows:
Sw[p] =

 ∑r w[r](Ix[p− r])
2 ∑r w[r]Ix[p− r]Iy[p− r]
∑r w[r]Ix[p− r]Iy[p− r] ∑r w[r](Iy[p− r])2


where the image is described by a discrete array I[p] containing image intensities at image pixel
indices (x,y), represented by p. Ix[p] and Iy[p] are partial derivatives in the principal directions x and y
respectively at pixel p. w[r] is a Gaussian weighing function that speciies the area of interest; w is
square-shaped with size 2m and −m < r <+m.
The predominant ilament orientation θ [p] in a region of 2m x 2m pixels around pixel p corresponds







∑r w[r]Ix[p− r]Iy[p− r]
∑r w[r](Ix[p− r])2−∑r w[r](Iy[p− r])2
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I developed an ImageJ plugin, implemented in Java, to calculate Sw, θ and E as described above. I
chose a gaussian window size of 7x7 pixels. 1 pixel ≈ 111 nm for the images used. I used an energy
1Based on the work of Rezakhaniha R., et al. Experimental investigation of collagen waviness and orientation
in the arterial adventitia using confocal laser scanning microscopy. Biomechanics and modeling in mechanobiology.
11.3-4: 461-473 (2012).
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E threshold value of 0.005 and discarded pixels that had structure tensor energy below it. The inal
output was an array of values describing actin ilament angles corresponding to each image pixel.
C.3 Calculation of autocorrelation functions for actin ilament orientation
Images of luorescently labeled actin ilaments were analyzed using a custom-built ImageJ plugin.
Local orientation of actin ilaments at each pixel in the image was calculated by obtaining the structure
tensor of the image as described above. The obtained angles were averaged in a region of 25x25 pixels
(1 px = 0.111 µm). Graphical representation of these angles are presented in Fig. 3.7 d as yellow lines.
Spatial autocorrelation of these averaged angles was calculated as A(r) = ⟨cos2(θi−θ j(r))⟩, where
0 < r < 40 µm. 40 µm is the approximate average cell radius.
C.4 Measurement of focal adhesion area
First, images of cells with luorescently labeled Paxilin were smoothed using a Gaussian ilter. Then,
background was removed using ’rolling ball’ backgroud subtraction algorithm in ImageJ, with a ball
diameter of 50 pixels (1 px = 0.111 µm). The image was then thresholded, and resulting particles were








Shape L (µm) r (µm) θ (°) Area (µm2)
Circle Ð 30 Ð 2827
Cone120 42 36 120 2842
Cone60 59 30 60 2874
Cone30 90 23 30 2877
Table D.1 | Dimensions of the diferent shapes used
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